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Microbial nitrogen processing in hard clam (Mercenaria mercenaria)
aquaculture sediments: the relative importance of denitrification and
dissimilatory nitrate reduction to ammonium (DNRA)

Anna E. Murphy,* Iris C. Anderson, Ashley R. Smyth, Bongkeun Song, Mark W. Luckenbach
Virginia Institute of Marine Science, College of William & Mary, Gloucester Point

Abstract

As bivalve aquaculture expands worldwide, an understanding of its role in nutrient cycling is necessary to

ensure ecological sustainability and determine the potential of using bivalves for nutrient mitigation.

Whereas several studies, primarily of epifaunal bivalves, have assessed denitrification, few have considered

nutrient regeneration processes such as dissimilatory nitrate reduction to ammonium (DNRA), which com-

petes with denitrification for nitrate and results in nitrogen retention rather than loss. This study compares

sediment nitrogen cycling including mineralization, DNRA, and denitrification within U.S. clam aquaculture

sediments to nearby uncultivated sediments, seasonally. Clam aquaculture significantly increased sediment

ammonium and phosphate effluxes relative to uncultivated sediments. Both DNRA and denitrification were

significantly enhanced at clam beds compared to uncultivated sediments in July and November, while in

May only DNRA was increased. The ratio of DNRA to denitrification was significantly higher at clam beds

compared to uncultivated sediments, demonstrating that DNRA may be favored due to a ready supply of

labile organic carbon relative to nitrate and perhaps sulfidic conditions. Functional gene abundances, nrfA

(DNRA) and nirS (denitrification) followed similar patterns to nitrate respiration rates with highest nrfA abun-

dances in the clam sediments and similar nirS abundances across seasons and sediment type. Ultimately clam

sediments were found to be a significant source of nutrients to the water column whereas uncultivated sedi-

ments retained ammonium produced by microbial mineralization. Thus, clam cultivation may promote local

eutrophication (i.e., increased primary production) by facilitating nutrient regeneration and retention of

ammonium in the sediments.

Global aquaculture production more than doubled from

2000 to 2012 (FAO 2014) with bivalve production account-

ing for about 70% of total mariculture production (Campbell

and Pauly 2013). The continued growth of the bivalve aqua-

culture industry globally, concurrent with increased coastal

eutrophication, has prompted recent interest in the potential

role bivalves may play in removing bioreactive nitrogen (N)

(Stadmark and Conley 2011; Bricker et al. 2014; Petersen

et al. 2014). Sediments associated with high densities of sus-

pension feeding bivalves are often characterized as having

high rates of denitrification, the microbially mediated

removal of bioreactive nitrogen (N), relative to local refer-

ence sediments (Newell 2004; Kellogg et al. 2013; Smyth

et al. 2013). Due to their impressive capacity to remove par-

ticulates from the water column and potentially enhance

denitrification, increasing bivalve populations through either

restoration or aquaculture has been proposed as an effective

in-water strategy to reduce N in aquatic environments and

subsequently mitigate eutrophication (Lindahl et al. 2005;

Rose et al. 2014). However, by delivering reactive organic

carbon to anaerobic sediments through filtration and biode-

position, bivalves may also create favorable conditions for

dissimilatory nitrate reduction to ammonium (DNRA), the

recycling of nitrate (NO2
3 ) back to ammonium (NH1

4 ) (Hardi-

son et al. 2015). In fact, a recent study showed high densities

of Macoma balthica, an infaunal bivalve, stimulated DNRA

and decreased denitrification (Bonaglia et al. 2014). Thus,

the effect of bivalves on the partitioning of NO2
3 between

the two competing pathways is complex and dependent on

a number of factors but ultimately dictates the fate of nitro-

gen in clam beds.

The competition for NO2
3 between denitrification and

DNRA, is of significant ecological importance due to the out-

comes of the processes: N removal vs. retention, respectively.

Denitrification occurs widely in coastal anoxic sediments

where both organic matter and NO2
3 are available (Seitzinger

et al. 2006); DNRA has been less studied and its distribution*Correspondence: annie@vims.edu
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across aquatic systems is not fully understood (Burgin and

Hamilton 2007; Giblin et al. 2013). Further, the factors that

control the partitioning of NO2
3 between denitrification and

DNRA are complex and not well defined across all systems.

However, environmental factors such as NO2
3 supply, sulfide

concentrations, and organic carbon quality have been shown

to affect NO2
3 respiration rates and determine the dominant

pathway (i.e., denitrification or DNRA) (Magni et al. 2000;

Hiwatari et al. 2002; Gibbs et al. 2005; Burgin and Hamilton

2007). The ratio of DNRA to denitrification is often corre-

lated with the ratio of available labile C to NO2
3 ; DNRA is

dominant when this ratio is high as this process utilizes

NO2
3 more efficiently than denitrification (i.e., transfers

more electrons) (Tiedje 1988). A recent laboratory study,

which supported results from a modeling study (Algar and

Vallino 2014), showed DNRA exceeded denitrification with

high C loading and low NO2
3 availability, with the ratio of C

decomposition rates to NO2
3 reduction rates being important

in partitioning between the two pathways (Hardison et al.

2015). Sulfide accumulation may favor DNRA bacteria that

use sulfide as an electron donor (Brunet and Garcia-Gil

1996). Further, a recent study demonstrated sulfide had a

more general influence on the two pathways, causing a

decrease in nitrite (NO2
2 ) production relative to NO2

3 and

subsequently favoring DNRA (Kraft et al. 2014).

The relative importance of denitrification and DNRA in

bivalve-dominated systems is likely to differ depending on

environmental factors, the physiology and behavior of the

bivalve species, and the ecological setting (i.e., natural

or aquaculture). Few studies have fully characterized N

cycling rates within bivalve aquaculture systems, with

many neglecting to consider recycling processes including

DNRA, microbial mineralization, and direct bivalve excre-

tion (as reviewed in Burkholder and Shumway 2011). Fur-

thermore, the majority of previous studies have focused

on epifaunal bivalves (i.e., oysters and mussels) with few

considering the effects of infaunal bivalve species on NO2
3

respiration rates (but see Nizzoli et al. 2006; Welsh et al.

2015). In fact, this is the first study to our knowledge to

characterize N cycling rates at a U.S. commercial clam

aquaculture site.

Clam activities such as biodeposition, bioturbation, and

excretion likely influence the dominant NO2
3 respiration

pathway by altering NO2
3 and dissolved oxygen (DO) supply,

sulfide concentrations, and organic carbon quantity and qual-

ity. For example, nitrification, a two-step aerobic process in

which NH1
4 is oxidized to NO2

2 and NO2
3 , may be enhanced

by clam bioturbation and excretion, which supply DO and

NH1
4 , respectively to the sediments (Hammen 1980; Henrik-

sen et al. 1983; Nizzoli et al. 2006). Nitrification is often

tightly coupled to NO2
3 reduction pathways in estuarine sedi-

ments, serving as an important NO2
3 source (Seitzinger et al.

2006); thus, by potentially increasing nitrification, clams may

enhance denitrification and/or DNRA. Alternatively, clam bio-

deposition may suppress nitrification by fueling microbial

mineralization and increasing sediment oxygen demand

(SOD), resulting in reduced sediments with high sulfide. Low

DO and sulfide accumulation may inhibit nitrification (Joye

and Hollibaugh 1995; Giles and Pilditch 2006; Carlsson et al.

2010), causing NO2
3 limitation, which concurrent with high

organic carbon concentrations, may favor DNRA over denitri-

fication (Tiedje 1988; Algar and Vallino 2014). Additionally,

sulfide may directly inhibit the last step in denitrification, the

conversion of N2O to N2 (Sorensen et al. 1980; Brunet and

Garcia-Gil 1996), while enhancing chemoautotrophic DNRA,

in which sulfide rather than organic matter serves as the elec-

tron donor during NO2
3 respiration. Thus, high densities of

clams associated with aquaculture will likely have significant

and complex effects on NO2
3 respiration, affecting both the

rates and the dominant pathway.

The overall objective of our study was to determine the

effects of clam aquaculture on sediment nutrient dynamics

including rates of N removal and N recycling. Specifically,

we were interested in determining the relative importance of

DNRA vs. denitrification in clam beds compared to nearby

uncultivated sediments. The functional genes encoding

nitrite reductase, cytochrome cd nitrite reductase (nirS) and

cytochrome C reductase (nrfA), were selected to quantify

abundance of denitrifying and DNRA communities, respec-

tively. The relationships between nirS and nrfA gene abun-

dances to rates of denitrification and DNRA were

investigated. Our experimental design aimed to capture a

range of sediment conditions (i.e., porewater sulfide and

sediment organic content) across a clam aquaculture lease to

account for variability due to clam size-class and time since

clams were planted. We hypothesized that by delivering

labile organic matter to the sediments, clam cultivation will

enhance overall nitrate respiration rates above control sedi-

ments; however, DNRA will be dominant over denitrifica-

tion, which will be reflected in higher nrfA abundances than

nirS abundances.

Methods

Site description

Located on the bayside of the Eastern Shore of Virginia,

Cherrystone Inlet is a shallow tributary of Chesapeake Bay,

where shellfish have been cultivated for about three decades

(Fig. 1). Infaunal hard clams (Mercenaria mercenaria) are cul-

tured in the shallow subtidal regions of the estuary (� 0.2 m to

1 m, below mean low water). Approximately 145 million

cultivated clams inhabit the private shellfish leases across

the 5.6 km2 embayment at any given time. Juvenile clams

(8–15 mm), reared in land-based hatcheries and nurseries, are

planted directly in the sediments. A plastic net, set flush to the

sediment surface, is used to protect the clams from natural

predators. Macroalgae proliferate on the predator-exclusion

nets and are swept from the nets periodically by the

Murphy et al. Nitrogen cycling in clam aquaculture sediment
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aquaculturists (Murphy et al. 2015). After about 2 yr, market-

sized clams (� 40 mm shell length) are mechanically harvested

from the sediments (Castagna and Kraeuter 1981). After har-

vest the sediments remain fallow for a season prior to planting

more clams (T. Rapine, Cherrystone Aquafarms, pers. comm.).

Sampling design

The sampling design aimed to capture a range of sedi-

ment conditions varying both seasonally and spatially across

a leased area. Each clam bed (approximately 4 m 3 18 m)

consists of approximately 50,000 clams of a homogenous

age class, as the clams within each bed are all planted at the

same time. As a result, we anticipated that the clam beds

across the lease would have varying levels of organic matter

enrichment as well as porewater sulfide and nutrient concen-

trations, depending on clam metabolism and length of time

clams had occupied the space. In May and July 2013, 16 ran-

domly selected clam beds and 4 uncultivated sites and in

Fig. 1. Cherrystone Inlet, Chesapeake Bay, U.S.A. Aerial photograph of Cherrystone Inlet taken in 2012, black polygons delineate active clam aqua-

culture operations.
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November 2013, 7 randomly selected clam beds, and 3

uncultivated sites were sampled. Uncultivated sites, which to

the best of our knowledge had not been previously culti-

vated, were located adjacent to, approximately 20 m, from

the clam beds, a distance chosen to reduce any influence of

aquaculture on the control sediments and at a water depth

similar to that of the clam beds.

Sediment and water column characteristics

At each clam bed and uncultivated site sampled, pore-

water was collected at 5–7 cm below the sediment surface

using a stainless steel push-point sampler (MHE Products,

East Tawas, Michigan, U.S.A) for nutrient and hydrogen sul-

fide analysis. Porewater sulfide samples were immediately

fixed in zinc acetate, filtered, and stored until analysis on a

spectrophotometer within a week of collection (Cline 1969).

In addition to the porewater nutrient samples, triplicate

water column grab samples, collected over the clam beds

and uncultivated sites, were filtered (0.45 lm Whatman pol-

yethersulfone (PES)) and frozen until analysis for dissolved

inorganic nitrogen (DIN) (including NO2
3 , NO2

2 , and NH1
4 )

(Liao 2001) and soluble reactive phosphorus (SRP) (Knepel

and Bogren 2001) on a Lachat QuikChem 8000 automated

ion analyzer (Lachat Instruments, Milwaukee, Wisconsin,

U.S.A.).

A sediment core (2.2 cm i.d.) was collected at each clam

bed and uncultivated site, sub-sectioned horizontally at

0–2 cm and 2–5 cm and analyzed for porosity, as loss of wet

weight after drying at 708C, and sediment organic matter

(SOM), as loss on ignition after combustion at 5008C for 5 h.

Prior to combustion, subsamples of dried sediments were

acidified and analyzed on a Carlo Erba elemental analyzer

(Thermo Electron Corp. Flash EA 1112 Series) for organic C

and total N content.

Surface sediment samples (0–3 cm) were collected at a

subset of clam beds (n 5 7, 6, 6 in May, July, and November,

respectively) and uncultivated sites (n 5 3, 2, 3 in May, July,

and November, respectively) using a small core (2.2 cm i.d.)

for gene abundance analysis. Molecular samples were placed

in liquid nitrogen in the field and stored at 2808C upon

return to the lab until DNA extraction and molecular analy-

sis were performed (see below for details).

Benthic metabolism and nutrient flux measurements

At each clam bed and uncultivated site three sediment

cores (9.5 cm i.d., with approximately 10 cm overlying water

and 8 cm sediment depth) were collected for determinations

of benthic metabolism, nutrient fluxes and N cycling rates;

thus 60 cores were collected in May and July (20 total sites

during each month), and 30 cores were collected in Novem-

ber (10 total sites). Cores were not treated as replicates, but

were used to conduct concurrent incubations in the light

(� 50–100 lE m22 s21) and dark (paired cores) and for mea-

surement of N cycling rates by isotope-pairing (with a T0

core; see details below). Cores were transported to the Virginia

Institute of Marine Science Eastern Shore Laboratory (VIMS

ESL) in Wachapreague, Virginia, within 3 h of collection,

placed in a water bath with continuously flowing water main-

tained at ambient conditions of the sampling location, and

allowed to equilibrate overnight. Flowing water from the adja-

cent Wachapreague Inlet provided a continuous supply of

oxygen and phytoplankton to the clams and sediments over-

night. Gradient formation was prevented by suspending a

magnetic stir bar (2.5 cm) in each core, spinning at 60 rpm

powered by a central battery-operated motor (6V).

The following day, one core from each site was illumi-

nated while the other two were kept dark (dark core and T0

core). The T0 cores were capped but not sampled during the

initial flux incubation. Cores were capped with lids that con-

tained an inflow and outflow port, avoiding any air bubbles;

the overlying water was sampled using a 60 mL syringe

through the outflow port while replacement water was

allowed to enter through the inflow port from the water

bath. Cores were sampled approximately hourly for 3–4 h

for NH1
4 , SRP, NO2

x (combined NO2 and NO3) and dissolved

inorganic carbon (DIC). Samples collected for NH1
4 , SRP, and

NO2
x were immediately filtered (0.45 lM Whatman PES) and

frozen until analysis (as described above). DIC samples were

placed in 8 mL hungate tubes, pre-spiked with 15 lL satu-

rated mercuric chloride, and stored cold underwater until

analysis using a Li-Cor 6252 infrared gas analyzer within a

month of collection as described by (Neubauer and Ander-

son 2003). During the incubation a Hach LDO101 Lumines-

cent DO sensor (Hach Co., Loveland, Colorado, U.S.A.),

secured in the lids of 12 randomly selected cores, continu-

ously monitored DO in real time to determine the duration

of the isotope pairing incubation which followed (necessary

to keep DO above 70% of the original concentration;

(Dalsgaard et al. 2000)).

Hourly and daily fluxes for each analyte were calculated as:

Hourly Flux5 m3Vð Þ=A (1)

Daily Flux5ðFl3hlÞ1 ðFd3hdÞ (2)

where m is equal to the slope of the linear regression of con-

centration (lM or mM) vs. time (hours); V is equal to the

volume of water in the flux chamber (liters); A is the sedi-

ment surface area within the chamber (m2); Fd and Fl are

hourly fluxes in the dark and light, respectively (mmol m22

h21), hd and hl are the number of hours of dark and light in

a day, which varied by season. A flux from the sediment to

the water column is positive (production) while a flux to the

sediment from the water column is a negative value

(consumption).

Denitrification and DNRA rate measurements

After the flux incubation, the sediment cores were

uncapped and allowed to re-equilibrate in the oxygenated

water bath for at least an hour. Water level was dropped to

Murphy et al. Nitrogen cycling in clam aquaculture sediment
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just below the lip of the cores and each core was spiked with
15NO2

3 (98.9 atom%; 1.1 mL added to each core of a 50 mM

stock made from Na15NO3 to obtain a final concentration of

approximately 100 lM). After spiking, a water sample was

collected from each core and analyzed on the Lachat for

total NO2
3 (14NO2

3 1 15NO2
3 ). The cores were left uncapped

and each gently bubbled for about an hour to allow 15NO2
3

to diffuse to the zone of active denitrification and DNRA in

the sediments. The diffusion time for 15NO2
3 to reach the

anoxic zone, estimated using calculations based on Fick’s

law, described in the NICE handbook (Dalsgaard et al. 2000)

and the DO penetration depth of approximately 2 mm

obtained using an oxygen microsensor and micromanipula-

tor (OX100, Unisense, Aarhus N, Denmark) (A. E. Murphy,

unpubl.), was approximately 16 min. At the completion of

the pre-incubation period, the T0 core from each site was

sampled to account for any 29N2 and 30N2 produced prior to

sealing the cores (see below for details on postincubation-

sampling). The remaining light and dark cores from each

site were capped and incubated for 2–4 h depending on the

SOD determined in the previous flux incubation allowing

DO to drop no more than 70% of the initial concentration.

At the end of the incubation each core was uncapped,

gently homogenized, and sampled for 29N2,
30N2, and

extracted 15NH1
4 (see below). Afterward all clams were removed

from each core counted, measured, and the tissue ash-free dry

weight (DW) determined by the difference in DW prior to and

after combusting at 5008C for 5 h. Samples were collected for
29N2 and 30N2 by siphoning the slurry into a 12 mL exetainer

vial and preserving the sample with 100 lL of 7M ZnCl2. Sam-

ples were analyzed within a month on a membrane inlet mass

spectrometer (MIMS) (Kana et al. 1994). For 15NH1
4 analysis,

approximately 120 mL of the core slurry was collected in a

whirlpak bag with potassium chloride (KCl) (final concentra-

tion of 2M), shaken for one hour, centrifuged, filtered (0.45

lM Whatman PES), and stored frozen until diffusion. Samples

were diffused and trapped for analysis of 15NH1
4 enrichment

and concentration using a method modified from Brooks et al.

(1989). Water samples were placed in specimen cups, which

held an acidified (25 lL of 2.5M sulfuric acid) GFF filter (1 cm,

i.d.), threaded onto a stainless steel wire, suspended on the lip

of the cup. Sample volumes ranged from 5 mL to 60 mL,

depending on the NH1
4 concentration obtained on the Lachat

prior to diffusion, to obtain a target mass for analysis of 30 lg.

Magnesium oxide was added and the samples were allowed to

diffuse for 2 weeks, after which samples were encapsulated in

tin capsules and analyzed on an EA-IRMS at the University of

California Davis Stable Isotope Facility.

Denitrification rates were calculated as described by Niel-

sen (1992) as follows:

D155p29 1 2p30 (3)

D145D153 p29=2p30ð Þ (4)

where D15 represents denitrification of the added 15NO2
3 ;

p29 and p30 are equal to the rates of production of 29N2 and
30N2, respectively, and D14 is the denitrification rate of ambi-

ent 14NO2
3 . Direct denitrification of NO2

3 from the water col-

umn, (Dw), and coupled denitrification (Dn) were calculated

as described in Nielsen (1992):

Dw5ð14NO2
3 =

15NO2
3 Þ3D15 (5)

Dn5D142Dw (6)

where 14NO2
3 is equal to the ambient unlabeled NO2

3 con-

centration (lM) and 15NO2
3 is equal to the isotopically-

labeled NO2
3 concentration at the start of the incubation.

Preliminary manipulation experiments in which denitrifica-

tion rates were measured with varying concentrations of
15NO2

3 addition, revealed D14 was independent of the con-

centration of 15NO2
3 added. Additionally, a time series

experiment was conducted in which cores were sacrificed

over time to ensure linear production of 29N2 and 30N2.

These results confirmed the IPT assumptions were met and

the equations are valid for this system (Nielsen 1992).

Actual DNRA rates were calculated according to Risgaard-

Petersen and Rysgaard (1995) as:

DNRAt5p15NH1
4 3 D14=D15ð Þ (7)

where p15NH1
4 is equal to the production of 15NH1

4 . This

assumes that DNRA occurs in the same sediment horizon as

denitrification (Rysgaard et al. 1993). DNRA coupled to nitri-

fication (DNRAn) and direct from water column NO2
3

(DNRAw) were calculated as:

DNRAw5ð14NO2
3 =

15NO2
3 Þ3p15NH1

4 (8)

DNRAn5DNRAt2DNRAw (9)

Gross ammonification measurements

Gross ammonification rates, which include NH1
4 produc-

tion from organic matter mineralization and some contribu-

tion from DNRA and heterotrophic N fixation, were

measured using the isotope pool dilution method (Anderson

et al. 1997). Two paired cores (5.7 cm i.d, with approxi-

mately 5 cm overlying water and 5 cm sediment depth) were

collected at each sampling site, transported to the labora-

tory, and placed in a water bath filled with site water. Prior

to collection in the field, clams were carefully removed from

the area to obtain sediments void of clams in order to mea-

sure microbial ammonification independent of the contribu-

tion of clam excretion. Cores were uncapped and held

underwater overnight in the dark with gentle mixing and

aeration. The following day the sediments were homoge-

nously spiked with 15N-NH1
4 (3.6 mL of [NH4]2SO4, 30 at.%,

10 mM) by injecting 100 lL of the stock solution into 36
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silicone-filled holes through the vertical sediment column.

Prior to sacrificing, the cores were sectioned horizontally

0–2 cm and 2–5 cm, although rates did not differ between

the two horizons and therefore only rates associated with

the top 2 cm are reported. One of the paired cores from each

site, T0, was immediately sacrificed after spiking by shaking

in 2M KCl for an hour; the extractant was filtered and frozen

until analysis. The remaining core from each site, Tf, was

capped and incubated for 24 h in the dark at in situ temper-

atures. After the incubation, the Tf cores were extracted.

NH1
4 in the extracts was trapped, diffused, and analyzed as

described above for the DNRA samples. Rates of gross ammo-

nification were calculated using a model described by Wessel

and Tietema (1992) as

Ammonification5
ln Tf

atm%–k
� �

= T0
atm%–k

� �

ln NH1
4 Tf

� �
= NH1

4 T0

� �

3
NH1

4 T0

� �
2 NH1

4 Tf

� �

time

(10)

where Tfatm% and T0atm% refers to the 15NH1
4 enrichment of

the Tf and T0 cores; k is equal to natural abundance of
15NH1

4 expressed as atom %; [NH1
4 Tf] and [NH1

4 T0] are the

concentrations of NH1
4 in the Tf and T0 cores, and time is

the incubation time.

DNA extraction and quantitative PCR

Sediment DNA was extracted from homogenized surface

sediments (0–3 cm) using the PowerSoil DNA Kit (Mo-Bio

Laboratories, Inc., Carlsbad, California. U.S.A.), following the

manufacturer’s protocol with the following modifications:

0.5 g of wet sediment was used and Thermo Savant Fast Prep

FP 120 Cell Disrupter (Qbiogene Inc. Carlsbad, California,

U.S.A.) was used for cell disruption. Sediment DNA concen-

tration was measured using Qubit double-stranded DNA

High Sensitivity assay kit and a Qubit fluorometer according

to the manufacturer’s protocol (Life Technologies, Grand

Island, New York, U.S.A.). Samples were subsequently diluted

to a concentration of 1 ng lL21.

Quantitative PCR (qPCR) assays were carried out to quan-

tify the abundance of genes responsible for denitrification

(nirS) and DNRA (nrfA). The nirS primers used were NIRS1F

and NIRS-Q-R (Braker et al. 1998; Mosier and Francis 2010)

and the nrfA primers were NRFAF2 and NRFA1R (Mohan

et al. 2004; Welsh et al. 2014). Each qPCR incubation mix-

ture (total volume 20 lL) contained Go-Taq qPCR Master

Mix (Promega Corporation, Madison, Wisconsin, U.S.A.), the

primers (0.5 uM), and sediment DNA (3 ng). The nrfA mix-

ture also contained 0.5 lL of MgCl for amplification optimi-

zation. Preparation of qPCR standards and PCR cycling were

previously reported in (Song et al. 2014) and Lisa et al.

(unpubl.). All qPCR analyses were conducted in triplicate.

PCR specificity and primer dimer were assessed using dissoci-

ation curves. The R2 values for the standard curves were

0.986 and 0.997 for nirS and nrfA, respectively.

Clam respiration and excretion estimates

Clam respiration rates were estimated using an equation

reported by Hofmann et al. (2006) and adjusted by Wiseman

(2010) using data collected in Cherrystone Inlet, Virginia

(Condon 2005); the estimate takes into account clam bio-

mass per m2 and temperature. Clam excretion rates, primar-

ily composed of NH1
4 (Hammen 1980), were estimated

stoichiometrically. The ratio of C respired to nitrogen

excreted is dependent on the bivalve’s rate of catabolism

and the composition of the food source (Bayne 1976). The

respiration to excretion ratio was estimated at 7.0, which is

the theoretical minimum signifying protein catabolism

(Mayzaud and Conover 1988; Dame 2012). This may overes-

timate excretion as a higher respiration to excretion ratio

may occur if carbohydrate and lipid catabolism are signifi-

cant. Nonetheless this ratio provides a reasonable estimate

for excretion (Dame 2012).

Annual sediment N budgets

Sediment N budgets were constructed for the clam bed

and uncultivated sediments by scaling the seasonal sediment

fluxes and N transformation rates (i.e., DNRA, denitrifica-

tion, and ammonification) to annual rates. These budgets

provided conservative annual estimates as negligible winter

rates were assumed due to low temperatures, which a prelim-

inary study at this site revealed. Nitrification, which was not

directly measured in this study, was estimated as rates of

coupled nitrification-DNRA plus coupled nitrification-

denitrification plus the net NO2
x flux. Immobilization of

NH1
4 into microbial biomass and benthic microalgal uptake

was estimated as gross ammonification plus the net NH1
4

flux.

Statistical analysis

To determine whether significant differences existed

between the uncultivated sediments and the clam sediments,

the increase or decrease of a clam bed measurement relative

to the mean for the uncultivated site for each season was cal-

culated as

Dr5Cis–Us (11)

where the Cis is the response measurement at clam bed i dur-

ing season s, and Us is the mean response measurement at the

uncultivated sediments for each season (s). t-tests were con-

ducted to determine if the mean Dr was significantly different

from zero. Prior to running the t-tests normality was checked

and data were transformed using Box-Cox when appropriate.

This approach was used to assess sediment characteristics

(e.g., porewater nutrients, sulfide, sediment organic matter) as

well as rate measurements (e.g., net fluxes, DNRA, denitrifica-

tion rates). If the mean Dr is significantly different than zero

(p<0.05), this implies that sediments exposed to clam
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aquaculture behave differently than uncultivated sediments

(Kellogg et al. 2014). Linear regression analyses were used to

investigate the relationships between clam metrics (including

size, biomass, and density) and sediment characteristics (pore-

water sulfide, nutrients, and organic content). Linear regres-

sions were also used to assess the relationship between

functional gene abundances and rates of denitrification and

DNRA. To investigate the potential mechanisms driving the

proportion of DNRA relative to denitrification linear regres-

sions were conducted for the ratio of DNRA/denitrification

against porewater sulfide concentrations and gross ammonifi-

cation measurements. All error estimates are reported as

standard error. A significance value of p<0.05 was used for

all statistical tests, which were conducted in R studio software

(version 0.98.1091 and R version 3.0.2).

Results

Environmental characteristics

Water temperatures ranged from 128C in November to 258C

in July, with an intermediate of 178C in May. Salinity did not

vary across seasons, with an average of 23.5 (Table 1). Water

column nutrients were generally low (< 1 lM) across all

months and sites. Despite the close proximity of the clam and

control sites, water column SRP and NH1
4 were significantly

higher above the clam beds compared to the control sites in

May and July; water column NO2
x was significantly higher

above the clam beds than the control sites in May (Table 2).

Sampling sites included a range of clam sizes, with shell

lengths ranging from 11.8 mm to 58.1 mm (Table 1). Clam

density ranged widely (46.9–3333.3 individuals m22) and

was dependent on clam size; higher densities were observed

at recently planted clam beds with smaller individuals while

lower densities occurred at clam beds planted 1–2 yr prior to

sampling, which had larger individuals.

Within the clam beds, no significant relationships were

observed between clam metrics (size, density, or biomass)

and porewater nutrients, sediment organic content, or sul-

fide concentrations. However, mean porewater NH1
4 , SRP,

and sulfide concentrations were generally higher in clam

compared to uncultivated sediments during July and Novem-

ber (Table 3). In May, mean porewater NH1
4 , SRP, and sul-

fide, were all significantly higher at the uncultivated control

sites than the clam beds.

Sediment organic content was low and similar between

the clam and uncultivated sediments (Table 3). However, in

July clam beds had significantly higher organic content than

the uncultivated sediments. Sediment C : N was similar at

the clam and uncultivated sediments across all months.

Nutrient fluxes

Daily NH1
4 fluxes were significantly higher at clam com-

pared to uncultivated sediments during all months, with the

highest efflux rates (23.3 6 2.8 mmol m22 d21) from clam

beds in July (Fig. 2a; Table 4). Clam excretion was estimated

to contribute approximately 42, 21, and 38% of the daily

NH1
4 flux in May, July, and November, respectively (Fig. 2a).

Whereas a net release of NH1
4 from the clam sediments to

the water column was observed during all months, a net

uptake occurred in the uncultivated sediments in July and

November with a small release in May. Increased NH1
4 fluxes

from clam beds relative to those from uncultivated sedi-

ments on average ranged from 2.74 mmol N m22 d21 in

May to 24.4 mmol N m22 d21 in July (Table 4).

SRP fluxes followed similar trends to those of NH1
4 with

net effluxes occurring at the clam sediments and net uptake

in the uncultivated sediments. SRP fluxes were significantly

higher in the clam sediments than the uncultivated sites

except in May (Fig. 2b; Table 4).

NO2
x fluxes were generally low relative to the NH1

4 fluxes

and highly variable across sites and seasons, with similar

rates at clam and uncultivated sediments. In both sediment

types there was net uptake of NO2
x in May and November,

Table 1. Environmental conditions in Cherrystone Inlet during sampling. Clam metrics including clam lengths (mm), biomass (ash
free DW, g m22), and densities (ind m22).

Month Temperature (8C) Salinity Shell length Biomass Density

May 17 24.5 11.8–58.1 3.5–419.8 46.9–1126.8

Jul 25 23.0 21.0–48.8 23.1–539.8 140.8–2441.3

Nov 12 23.0 15.3–54.0 76.3–497.2 328.6–3333.3

Table 2. Water column nutrient concentrations (lM) at the
clam site and uncultivated site (n 5 3 per season and site).
Standard errors are provided in parentheses. * indicates signifi-
cantly higher concentrations above the clam beds compared to
uncultivated sites within each month.

Month Site NO2
x NH1

4 SRP

May Clam *0.46(0.04) *0.48(0.05) *0.09(0.01)

Uncultivated 0.04(0.003) 0.18(0.01) 0.07(0.001)

Jul Clam 0.22(0.01) *4.04(0.35) *0.26(0.01)

Uncultivated 0.19(0.04) 0.48(0.17) 0.10(0.01)

Nov Clam 0.05(0.01) 0.96(0.19) 0.03(0.01)

Uncultivated 0.06(0.01) 1.41(0.05) 0.02(0.01)
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averaging 20.29 6 0.13 mmol m22 d21 and 20.14 6 0.03

mmol m22 d21, respectively and a net efflux in July with a

mean of 0.74 6 0.31 mmol m22 d21 (Fig. 2c). There was no

significant effect of clams on NO2
x fluxes (Table 4).

DON fluxes were highly variable with no net flux at the

uncultivated sediments during any of the months (Fig. 2d).

In July, clam sediments were a net sink for DON averaging

23.7 6 0.74 mmol m22 d21, while small DON effluxes were

observed in May and November from the clam sediments.

Benthic metabolism

Seasonal variability of daily SOD and DIC fluxes was

observed at both the clam and uncultivated sediments, with

higher metabolic rates measured in the summer. DO uptake

and DIC release was observed at all sites with significantly

higher SOD at clam beds compared to uncultivated sites (Fig.

2e,f; Table 4). DIC release was generally higher at clam sites

than uncultivated sediments but the difference was only sig-

nificant in July. Estimated clam respiration contributed 15,

26, and 15% of SOD fluxes in May, July, and November,

respectively (Fig. 2e). The respiratory quotient (RQ), which is

equal to the net DIC flux divided by SOD, was 1.2, 2.0, and

0.9 at the clam beds in May, July, and November, while at

the uncultivated sediments RQ was estimated as 1.0, 1.6,

and 2.3 in May, July, and November.

Ammonification rates

Seasonal variation was apparent in gross ammonification

with highest rates measured in July followed by May and

lowest rates in November. Ammonification rates at clam and

uncultivated sediments were not significantly different in

May or November averaging 1.53 mmol N m22 d21 and 0.49

mmol N m22 d21, respectively (Fig. 3); however in July,

clam beds had significantly higher rates of ammonification

than uncultivated sediments (Table 4). It is important to

note that as described in the methods, excretion of NH1
4 by

clams did not contribute to the measured ammonification

rates but did contribute to the net NH1
4 fluxes (Table 2).

Nitrate respiration rates

Total nitrate respiration rates (denitrification plus DNRA)

varied seasonally and were significantly higher at the clam

beds than uncultivated sediments in July and November,

with no significant difference in May (Fig. 4). At both the

clam and uncultivated sediments an average of 96.5%,

94.6%, and 99.1% of denitrification and DNRA rates were

coupled to nitrification in May, July, and November, respec-

tively. Generally denitrification rates were lower than DNRA

rates during all seasons and at both the clam and unculti-

vated sediments (Fig. 4).

DNRA rates were significantly higher at the clam beds

compared to uncultivated sediments during all seasons (Fig.

4; Table 4). Overall, across all seasons, clam beds enhanced

DNRA rates above the control sediments by a mean of 151.3

lmol m22 d21 (Table 4). Denitrification rates were signifi-

cantly higher at the clam beds than the uncultivated sedi-

ments in July and November, with overall average rates of

42.8 lmol m22 d21 and 19.6 lmol m22 d21, respectively

(Fig. 4; Table 4). However, in May clam and uncultivated

sediments had similar denitrification rates, averaging 73.0

lmol m22 d21.

Table 3. Mean sediment characteristics at uncultivated and clam sediments seasonally including porewater DOC (lM), nutrients
(lM), and sulfide (lM) (collected at 5–7 cm depth); percent sediment organic matter (SOM) and molar C to N ratio in the surface
0–2 cm sediment horizon (C: N); benthic chlorophyll (B. Chla) and phaeophytin (B. Phaeo) (lg cm22); and nirS and nrfA gene abun-
dances (copy number g sediment21). n refers to the number of sites sampled. Standard errors are in parentheses. * denotes signifi-
cant difference between uncultivated and clam sediments within each month.

Site

May Jul Nov

Uncultivated Clam Uncultivated Clam Uncultivated Clam

n 4 16 4 16 3 7

DOC 371.6(51.8) 404.2(51.6) 607.8(372.2) 393.3(101.4) 226.3(14.2) 287.8(19.3)

NO2
x 0.1(0.01) *0.3(0.1) 0.3(0.02) 0.3(0.02) 0.1(0.01) 0.5(0.2)

NH1
4 107.4(17.0) *49.2(3.5) 47.9(4.0) *59.3(4.7) 37.2(9.3) 64.7(16.5)

SRP 7.3(0.8) *4.6(0.8) 2.9(0.4) *6.3(1.2) 0.9(0.6) *5.0(1.5)

Sulfide 241.6(36.1) *101.2(21.0) 47.8(10.2) 141.1(50.8) 13.5(13.5) 38.0(16.3)

SOM 1.2(0.2) 1.0(0.1) 0.8(0.1) *1.3(0.1) 0.7(0.1) 1.1(0.3)

C : N 6.8(0.3) 6.9(0.3) 7.4(0.5) 7.2(0.1) 7.6(1.7) 7.2(0.6)

B. Chla 2.7(0.4) 3.3(0.4) 2.0(0.7) 4.2(0.5) 3.7(0.43) 4.3(0.38)

B. Phaeo 1.7(0.5) 3.5(0.7) 4.0(2.3) 8.2(0.6) 3.7(0.31) 7.4(1.23)

nirS 3.69 3 107

(7.1 3 106)

3.65 3 107

(6.3 3 106)

2.67 3 107

(2.9 3 106)

4.21 3 107

(9.7 3 106)

2.33 3 107

(2.7 3 106)

2.44 3 107

(5.2 3 106)

nrfA 1.07 3 108

(1.6 3 107)

*2.24 3 108

(3.5 3 107)

3.81 3 107

(5.0 3 106)

*3.56 3 108

(1.2 3 108)

4.43 3 107

(1.6 3 107)

1.16 3 108

(3.1 3 107)
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Fig. 2. Seasonal mean daily fluxes of ammonium (NH1
4 ) (a), phosphate (SRP) (b), nitrate 1 nitrite (NO2

x ) (c), dissolved organic nitrogen (DON) (d),

dissolved oxygen (e), and dissolved inorganic carbon (DIC) (f) at uncultivated sediments (white) (n 5 4 in May and July, n 5 3 in November) and clam
beds (gray) (n 5 16 in May and July, n 5 7 in November). Dotted lines in (a), (e), and (f) represent estimated clam metabolic contribution to the net
fluxes. Error bars represent standard errors.
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DNRA and denitrification rates were positively correlated

with each other at both the clam beds and uncultivated sedi-

ments (Fig. 5). However, the relative proportion of DNRA to

denitrification (i.e., the slope of the regression) was signifi-

cantly higher at the clam beds than the uncultivated sedi-

ments (Table 4). A positive relationship between the relative

proportion of DNRA to denitrification and gross ammonifica-

tion rates, a proxy for organic C quality and availability was

observed, although the trend was not statistically significant.

Additionally, DNRA relative to denitrification generally

increased with increasing porewater sulfide when all seasonal

data were pooled, although not significantly.

Functional gene abundances

Abundances of nirS, encoding cytochrome cd nitrite

reductase in denitrification, were similar between the clam

and uncultivated sediments throughout all seasons with no

seasonal variation (Table 3). However, abundances of nrfA,

which encodes for cytochrome C nitrite reductase in DNRA,

were significantly higher at the clam beds compared to the

uncultivated sediments during all months sampled. At the

clam beds, nrfA abundances were an order of magnitude

higher than at the uncultivated sediments, with highest

mean nrfA abundance observed at the clam site in July (3.56

3 108 gene copies g sed21). Strong significant relationships

between functional gene abundances and process rates were

Table 4. The mean difference between the clam beds and the
average uncultivated sediments for each season as well as over-
all (across all seasons; All) of ammonium (NH1

4 ), nitrate1nitrite
(NO2

x ), phosphate (SRP), dissolved organic nitrogen (DON), dis-
solved inorganic carbon (DIC), and sediment oxygen demand
(SOD), denitrification, dissimilatory nitrate reduction to ammo-
nium (DNRA), and gross ammonification (mmol m22 d21).
Additionally, the mean difference in the ratio of DNRA relative
to denitrification (DNRA: DNF) between the clam beds and
uncultivated sites for each month (unit-less). A positive value
represents a higher measurement at the clam beds relative to
the uncultivated sediments while a negative value reflects a
lower rate. Bold text denotes values are significantly different
than zero (t-test; alpha 5 0.05).

Response May Jul Nov All

NH1
4 2.74 24.42 6.36 11.96

NOx 20.24 20.36 0.01 20.06

SRP 20.04 0.79 0.28 0.34

DON 20.78 26.25 0.55 22.79

DIC 52.74 159.53 31.69 92.05

SOD 34.92 65.52 65.65 52.99

Denitrification 20.010 0.020 0.014 0.006

DNRA 0.108 0.260 0.043 0.151

Ammonification 20.18 0.76 0.36 0.30

DNRA : DNF 1.15 5.02 20.15 2.11

Fig. 3. Gross ammonification rates at uncultivated (white) and clam
sediments (gray) seasonally. Error bars represent standard errors. *

denotes clam sediments are significantly higher than uncultivated sedi-
ment within each month.

Fig. 4. Denitrification (A) and DNRA (B) in May, July, and November
2013 at uncultivated sediments (white) and clam sediments (gray). Error
bars are standard errors. Uncultivated sediments, n 5 4 in May and July,

n 5 3 in November. Clam sediments, n 5 16 in May and July, n 5 7 in
November. * denotes rates are significantly higher at the clam sediments

relative to the uncultivated sites within each month.
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observed with nirS and nrfA abundances and denitrification

and DNRA rates, respectively (Fig. 6).

Sediment N budget

The estimated sediment N budgets at the clam beds and

uncultivated site are provided in Fig. 7. On an annual scale,

assuming negligible rates in the winter, clam aquaculture

increased denitrification by 1.2-fold compared to the uncul-

tivated sites. However, clam aquaculture facilitated increased

nutrient regeneration in the benthos through enhanced

DNRA, microbial mineralization, and clam excretion, with

the net NH1
4 flux enhanced from 2133 lmol m22 yr21 at

the uncultivated sites to 2884 lmol m22 yr21 at the clam

sites.

Discussion

Enhanced nutrient regeneration at clam beds

This study demonstrates that clam aquaculture signifi-

cantly affects sediment N cycling rates, favoring retention

rather than removal of N in shallow coastal ecosystems. Sim-

ilar findings were reported in a previous study at this site,

which measured in situ fluxes of nutrients and metabolism

in clam beds of close to market size individuals (� 40 mm

shell length) and included a clam plus macroalgae treatment

(Murphy et al. 2015). The present study builds on these find-

ings by directly quantifying benthic microbial processes con-

tributing to benthic N cycling (e.g., DNRA and

denitrification). This study found generally lower net NH1
4 ,

SRP, and metabolic fluxes than Murphy et al. (2015), likely

because sampling included sediments from clam beds with

varying clam sizes (11.8–58.1 mm shell length), not just

large individuals, which impacted the contribution of clam

metabolism to overall benthic rates. Additionally, Murphy

et al. (2015) reported net autotrophy at the uncultivated

sediments while this study showed slightly heterotrophic

control sediments, potentially due to the greater availability

Fig. 6. Nitrate respiration rates (DNRA (squares) and denitrification

(circles)) as a function of log-transformed nrfA and nirS gene abundance,
respectively. Solid lines is linear regression of denitrification and nirS;
dashed line is linear regression of DNRA and nrfA.

Fig. 7. Annual microbial N cycling rates (mmol N m22 yr21) within the

sediments/porewater at the uncultivated and clam sediments, including
ammonification (AMN), nitrification (NIT), denitrification (DNF), DNRA
(DNR), net fluxes of NH1

4 and NO2
x (FLX), and immobilization of NH1

4

into microbial and benthic microalgal biomass (IMM). Solid arrows rep-
resent processes directly measured in this study while dashed lines repre-

sent calculated rates. Vertical arrows show exchanges between the
sediment and water column. *clam excretion rates were estimated as
described in the text and subtracted from the net NH1

4 flux to deter-

mine the amount contributed by microbial processes at the clam sedi-
ments (2142); the discrepancy between this number and gross

ammonification may be due to excretion by other infaunal organisms.

Fig. 5. Relationship of DNRA and denitrification (mmol m22 d21) at
clam sediments (black symbols) and uncultivated sediments (open sym-
bols). Regression statistics include all seasons within each sediment type;

dashed line is linear regression of clam beds and solid line is linear
regression of uncultivated sediment. May, July, and November samples

are shown as diamonds, squares, and triangles, respectively.
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of light in the field than in the lab. Increased benthic nutri-

ent recycling processes resulted in elevated nutrient release

from the clam sediments to the water column in both stud-

ies, which may serve as an important subsidy for local pri-

mary production in the ecosystem (Murphy et al. 2015).

By sampling intensively across a leased area, the present

study captured the natural variability in metabolism and N

transformation rates due to season and spatial differences in

sediment properties as related to time-since planted and

clam size. As a result we were able to scale our results across

the farm to construct an annual sediment N budget for clam

and uncultivated sediments, assuming negligible rates in the

winter (not sampled). The sediment N budgets (Fig. 7) high-

light the major difference between the clam and unculti-

vated sediments: clam sediments are a net source of

regenerated nutrients to the water column while unculti-

vated sediments are a net sink for DIN. Although microbial

ammonification rates were only slightly higher at the clam

sediments, the fate of the NH1
4 produced in the benthos dif-

fered between the two sediment types. During all seasons,

NH1
4 was released from the clam beds while either little

release or uptake occurred in uncultivated sediments. High

DIN efflux has previously been observed in infaunal bivalve-

dominated sediments, particularly when bivalves are

included in the incubations at both natural (e.g., Doering

et al. 1987; Sandwell et al. 2009; Jones et al. 2011) and aqua-

culture settings (e.g., Bartoli et al. 2001; Nizzoli et al. 2006).

In our study, this NH1
4 was sourced from microbial minerali-

zation of organic matter, DNRA, and clam excretion. Even

after clam excretion was subtracted from the net NH1
4 flux,

our data showed little to no retention of microbial-derived

DIN in the clam sediments perhaps due to reduced benthic

microalgal activity.

Previous studies in shallow coastal bays located on the

Eastern Shore of Virginia show that benthic microalgae

(BMA) can take up much of the nitrogen produced by sedi-

ment microbial mineralization, provided that sufficient light

is available (Anderson et al. 2003). Although benthic chloro-

phyll a concentrations were similar between the clam beds

and uncultivated sediments, the sources were likely different.

In fact, Secrist (2013) found that the bulk sediment Chl a

biomass at Cherrystone clam beds was composed mainly of

detrital macroalgal material as opposed to BMA (i.e., pennate

diatoms). At the clam sites the predator-exclusion nets,

which sit flush on the sediment surface and are colonized by

thick macroalgal mats (Murphy et al. 2015), cause shading,

decreasing BMA biomass (Secrist 2013). At the uncultivated

sites the majority of the NH1
4 produced was retained in the

benthos (Fig. 7) indicating active BMA. In our study system

calculated BMA N demand in the uncultivated sediments,

which was estimated using methods described by Anderson

et al. 2003 based on gross primary production corrected for

autotrophic respiration and a C : N ratio of 9.0 (Sundback

et al. 2000), was greater than the measured N mineralization

rates in the sediments. Thus, BMA at the uncultivated sites

could take up all mineralized N produced in the sediments.

Concurrent with net DIN release, clam aquaculture sedi-

ments generally had higher porewater nutrients, sulfide, and

organic content than control sites, indicative of highly

reduced conditions with limited oxygen penetration, similar

to results of other studies that have characterized sediments

associated with bivalve aquaculture (e.g., Mazouni et al. 1996;

Christensen et al. 2003). Although infaunal clams are often

reported to be important sediment bioturbators, allowing oxy-

gen (and other solutes) to penetrate into the sediments (e.g.,

Welsh 2003), bioturbation is likely limited in these cultivated

clam beds due to high clam densities and predator exclusion

nets, which may limit movement and water exchange, further

promoting sulfide accumulation and oxygen depletion. A

recent study reported similar findings; clams (Macoma baltica)

were associated with the accumulation of reduced metabolites

such as sulfide in the sediments, resulting in low nitrification

(Bonaglia et al. 2014). Surprisingly during May in Cherry-

stone, the uncultivated sediments had higher porewater

nutrients, sulfide, and organic content than the clam sedi-

ments, concurrent with elevated mineralization and NO2
3 res-

piration rates. A likely explanation is that these sediments,

adjacent to clam operations, experienced periodic pulses of

organic matter deposition caused by aquaculture practices

(e.g., sweeping the predator-exclusion nets of macroalgae and

hydraulic clam harvesting).

DNRA exceeded denitrification at clam beds

Clam cultivation in Cherrystone Inlet tended to have

enhanced DNRA and denitrification compared to unculti-

vated sediments, although rates were low overall compared

to other rates, such as clam excretion and gross ammonifica-

tion (Fig. 7). The ratio of DNRA to denitrification was signifi-

cantly higher at clam beds than the uncultivated sediments.

The contribution of DNRA to total NO2
3 respiration, which

averaged 82% in the clam sediments, is on the very high-

end compared to other estuarine systems, which typically

range from 0% to 60% (Tobias et al. 2001; Burgin and Ham-

ilton 2007; Koop-Jakobsen and Giblin 2010) but can be up

to 98% (as reviewed in Song et al. 2013). Although a recent

synthesis, which compared denitrification and DNRA rates

across 55 coastal sites, reported DNRA was the dominant

pathway at more than one-third of the sites (Giblin et al.

2013). In the current study, these trends were corroborated

with observed functional gene abundances in Cherrystone

sediments; nrfA was significantly higher in the clam sedi-

ments, whereas nirS abundances were similar across sediment

types and months. Despite the fact that nrfA is known to be

present in diverse genera of bacteria, capable of a variety of

metabolic pathways (Mohan et al. 2004), in Cherrystone

sediments nrfA abundance was significantly correlated with

DRNA rates. This strong relationship indicates that the abun-

dance of DNRA bacteria may be an important microbial
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control on the process and, thus, serve as a genetic proxy for

DNRA potential (Song et al. 2014).

A number of environmental factors may explain why

clam aquaculture favors DNRA and nrfA abundance over

denitrification and nirS abundance. Both DNRA and denitrifi-

cation depend on concentrations of available electron

donors (typically organic carbon) and the electron acceptor,

NO2
3 (as reviewed in Seitzinger 2006; Burgin and Hamilton

2007; Kraft et al. 2014), with DNRA dominating when the

ratio of labile carbon to NO2
3 is high (Tiedje et al. 1982;

Burgin and Hamilton 2007; Ferr�on et al. 2009; Algar and Val-

lino 2014; Hardison et al. 2015). The availability of labile

organic carbon, delivered as clam biodeposits to sediments,

in Cherrystone Inlet is likely high. Despite the fact that clam

beds had similar porewater DOC, sediment organic matter,

and sediment C:N as the uncultivated sediments, these

measurements are of bulk sediment C and may not provide

insight into C quality. Previous laboratory studies have

shown that bivalve biodeposits degrade quickly (Giles and

Pilditch 2006; Carlsson et al. 2010; Jansen et al. 2012). Addi-

tionally, ammonification rates, which may serve as an indi-

cator of C quality and availability, were positively, although

not significantly, correlated with the proportion of DNRA to

denitrification. At the same time, low water column NO2
3

concentration indicates that both sediment denitrification

and DNRA were strongly reliant on nitrification for NO2
3

supply, as our data show that the majority of both DNRA

and denitrification were coupled to nitrification (DNRAn and

Dn, respectively). NOx produced by nitrification was low,

compared to NH1
4 production, in both clam and unculti-

vated sediments, calculated as 100.6 mmol N m22 yr21 and

73.0 mmol N m22 yr21, respectively (Fig. 7). Nitrification is

generally inhibited by anaerobic and sulfidic conditions

(Joye and Hollibaugh 1995). Thus, both DNRA and denitrifi-

cation in these systems may be regulated by oxygen penetra-

tion depth and sulfide concentrations, particularly in warm

summer months when clam biodeposition and microbial res-

piration rates are high. Although one might expect complete

inhibition of nitrification at the porewater sulfide concentra-

tions observed in clam sediments in July, we did see a small

efflux of NO2
3 suggesting incomplete inhibition. Sulfide sam-

ples were collected across a bulk sediment horizon, with the

sampler window centered approximately 5-7cm from the

sediment surface, and, therefore, do not reflect the sulfide

concentrations at the zone of nitrification, which is likely

within the top few millimeters of the sediments.

In addition to suppressing nitrification, sulfide may

directly enhance DNRA relative to denitrification. Chemoli-

thotrophic DNRA bacteria are capable of oxidizing reduced

forms of sulfur, including free sulfide and elemental sulfur,

while reducing NO2
3 to NH1

4 (Brunet and Garcia-Gil 1996;

Otte et al. 1999). Additionally the final two steps in denitrifi-

cation (i.e., NO to N2O and N2O to N2) may be directly

inhibited under sulfidic conditions (Sorensen et al. 1980;

Brunet and Garcia-Gil 1996). Thus the highly sulfidic sedi-

ments associated with clam aquaculture promote DNRA over

N2 production.

Although clam cultivation in Cherrystone Inlet tends to

favor DNRA, the overall effect of bivalves on NO2
3 respiration

rates is quite variable and highly dependent on the environ-

ment and type of bivalve. Some studies report denitrification

enhancement in bivalve-dominated sediments compared to

reference locations (Kellogg et al. 2013; Smyth et al. 2013;

Turek and Hoellein 2015) while other studies show no differ-

ence in denitrification across sediment types (Christensen

et al. 2003; Jones et al. 2011; Higgins et al. 2013). Still other

studies report spatial and/or temporal variability on the

effects of bivalves on sediment denitrification (Nizzoli et al.

2006; Carlsson et al. 2012) and recently a study reported a

decrease in denitrification in the presence of high clam

abundance (Bonaglia et al. 2014). Cherrystone Inlet clam

aquaculture had lower rates of denitrification than those

observed in other bivalve studies, including those in nearby

tributaries of the Chesapeake Bay (e.g., Higgins et al. 2013;

Kellogg et al. 2013), although these focused on oyster-

dominated systems. DNRA rates in clam beds in Cherrystone

Inlet were comparable to previously reported rates associated

with cultivated infaunal clams in the Sacca di Goro, Italy

(Nizzoli et al. 2006). Most similar studies did not measure

DNRA and therefore the ability to determine the mecha-

nisms by which bivalves influence NO2
3 respiration in these

studies is limited.

To place the enhanced DIN regeneration at the clam beds

into context, we compared it to an estimate of the amount of

N removed from the system via clam harvest, assuming an

average harvested clam to be 45.7 mm in length (littleneck

size; 0.87 g DW, of which 13.1% is N (A.E. Murphy, unpubl.

data) and 2 yr to reach market size. Thus, at a density of 700

individuals m22, approximately 2.85 mol N m22 yr21 is

removed through harvest, comparable to the estimated

annual NH1
4 regenerated from the sediments (2.88 mol N

m22 yr21) (Fig. 7). Although requiring higher spatial and tem-

poral resolution, this exercise demonstrates the importance of

considering N regeneration processes when estimating the

total N removed from a bivalve cultivation system, particu-

larly in systems where this enhanced N recycling may pro-

mote local eutrophication. For example, in Cherrystone Inlet

the fate of these regenerated nutrients has been shown to pro-

mote macroalgal production (Murphy et al. 2015).

Clam aquaculture is a growing industry on the Eastern

Shore of Viriginia (Emery 2015) and globally (FAO 2014). As

this coastal anthropogenic activity expands, an understand-

ing of how it alters ecosystem functioning such as benthic

nutrient cycling is necessary to prevent overexploitation and

ecosystem degradation. Numerous studies have suggested

suspension-feeding bivalves may promote denitrification and

thus serve an important function in reducing bioavailable N

and subsequently eutrophication (e.g., Rose et al. 2014).
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However, this study, which is, to our knowledge, the first to

measure sediment N cycling processes associated with clam

aquaculture in the United States, highlights that DNRA can

outcompete denitrification in areas of intensive clam farm-

ing, promoting DIN turnover and release from the sediments

to the water column.
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