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ABSTRACT 

 

Salt marshes provide valuable ecosystem services to human society, but are currently 

under threat from accelerating sea level rise and nutrient enrichment. Carbon (C) and 

mineral accumulation allow salt marshes to maintain elevation above sea level and 

survive. Anthropogenic nitrogen (N) loading is increasing in many salt marshes, causing 

negative impacts on marsh resilience such as increased decomposition and decreased 

below-ground production. However, increasing N may also have simultaneous positive 

effects such as increased primary production and above-ground biomass, surface 

sediment accretion, and denitrification rates, which remove excess N from coastal waters. 

Many studies have been conducted to determine the effect of fertilization on salt marsh 

resilience; however, inconsistent conclusions across studies may result from varying 

physical and chemical characteristics across salt marsh locations that impact responses to 

fertilization. In this dissertation we performed experiments to determine how C cycling, 

C accumulation, N cycling, and microbial communities vary in both natural and fertilized 

salt marsh locations at Marine Corps Base Camp Lejeune, North Carolina, USA. Here we 

show that edge marsh with a high elevation berm had lower pore water sulfide, 

ammonium, dissolved organic C (DOC), and dissolved organic C (DIC) concentrations 

than interior marsh, which displayed longer pore water residence time and flooding 

duration with high pore water sulfide, ammonium, DOC, and DIC concentrations. 

Respiration and primary production were higher in the edge marsh compared to the 

interior marsh but net ecosystem CO2 exchange (NEE) was nearly balanced at all sites. 

Fertilization had a much greater impact on edge than interior NEE, shifting edge NEE 

toward net CO2 emission. Net ecosystem carbon balance (NECB), based on the mass 

balance of NEE, lateral C export, and sediment C deposition for edge and interior sites 

was calculated to examine the effect of fertilization on net C accumulation. NECB 

displayed a net C gain in the interior marsh but a large net C loss on the edge; fertilization 

stimulated more C loss on the edge than in the interior. When extrapolating NECB to the 

entire marsh, C loss on the edge greatly impacted the whole marsh C budget, causing the 

marsh to have a net loss of 53 kg C yr-1 under natural conditions and a five-fold increase 

in C loss with fertilization. N removal through denitrification was greater on the edge and 

increased with fertilization, but was not affected by fertilization at the site with highest 

sulfide concentrations. DNRA, which retains N in the marsh, dominated over 

denitrification only during summer, and varied widely across locations. Fertilization 

generally decreased DNRA rates. Microbial community composition was distinct on the 

edge vs. interior, with differences driven by the differences in pore water sulfide, 

ammonium, DOC, and DIC. The edge was a hotspot for nitrifying microbial 

communities. The processes of respiration and denitrification were positively correlated 

to the relative abundance of sulfate reducers and ammonia oxidizers, respectively. Thus, 

we conclude that fertilization had an overall negative effect on marsh resilience with 

especially large impacts on edge marsh. 
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Chapter 1 

 

Introduction 

1.1 Motivation 

Salt marshes are particularly valuable ecosystems not only for their characteristic 

coastal aesthetics, but for their numerous ecosystem services. For example, they provide 

a buffer zone, protecting coastal structures from wave energy, estimated to save the U.S. 

$23.2 billion per year in hurricane structure damage (Costanza et al., 2008) and serve as 

nursery habitats for many juvenile organisms including economically valuable fisheries 

species such as shrimp, blue crabs, and a variety of fish (Beck et al., 2001). In addition, 

some mature organisms utilize these habitats as a protective refuge, increasing their 

productivity in coastal waters (Zimmerman et al., 2002). Worldwide, salt marshes 

currently store a globally significant pool of carbon (C), and may perform the highest rate 

of carbon burial of any coastal ecosystem per unit area (Duarte et al., 2005). Loss of these 

salt marsh ecosystems would lead to release of sequestered carbon, exacerbating climate 

change by releasing stored carbon as the greenhouse gases CO2 and CH4 to the 

atmosphere. 

Salt marshes are currently facing multiple threats from both natural and 

anthropogenic disturbances causing significant loss of original marsh area (Watzin and 

Gosselink, 1992). Because they must exist within the intertidal region, salt marshes are 

directly affected by accelerating rates of sea level rise resulting primarily from climate 

change and hydrological alterations; however, marshes are surprisingly resilient to rates 
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of sea level rise of 12-50 mm per year (Morris et al., 2002; Kirwan et al. 2016). This 

resilience arises from physical and biological feedbacks, allowing more sediment to settle 

on the marsh surface as the duration and depth of tidal inundation increases (Friedrichs et 

al., 2001). In addition, above-ground Spartina alterniflora biomass aids in trapping 

sediment, thereby increasing accretion rates (Morris et al., 2002). For salt marshes to 

survive as rates of sea level rise accelerate, they must be able to either build elevation 

through sediment accretion or below-ground expansion faster than the local rate of 

relative sea level rise, or migrate upland. 

Human disturbance such as excess nitrogen (N) loading caused by agricultural 

runoff, wastewater, and other human activities, can potentially impact salt marsh 

resilience by altering a marsh’s ability to maintain elevation and resist erosion. 

Anthropogenic N loading is increasing in many salt marsh systems (Pardo et al., 2011; 

Hopkinson et al., 2012). Previous studies of the impacts of N fertilization on saltmarshes 

showed increased sediment carbon loss (Morris and Bradley 1999) and respiration 

(Wigand, 2009; Anisfeld and Hill, 2011), and decreased below-ground biomass (BGB) 

and root: shoot ratios (Darby and Turner, 2008), potentially causing loss of elevation and 

destabilization of the marsh platform that may result in extreme erosion events (Deegan 

et al. 2012). However, several other studies have reported an increase of BGB after 

fertilization (Graham and Mendelsshon, 2016, Valiela et al., 1976, Zhang et al., 2013). 

Morris et al. (2002) and Davis et al. (2017) reported that fertilization increased above-

ground biomass (AGB) and accretion rates via sediment trapping; thus, it has recently 

been proposed as a strategy to artificially enhance accretion rates. Priest (2011) observed 

that BGB increased with fertilization, but interestingly the response was greater at 
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locations with lower elevations. Graham and Mendelssohn (2014) found that the negative 

effects of increased degradation were balanced by the positive effects of increased 

sediment accretion, resulting in a net neutral effect of fertilization on accretion rates. 

These mentioned fertilization experiments were performed in a wide variety of marsh 

locations with different elevations, tidal amplitudes, and proximities to tidal creeks. 

While variation in results could be caused by the variety of fertilization methods, levels 

of N addition, type of fertilizer used, and methodology for measuring effects, these 

conflicting results suggest that the response to fertilization may be dependent on the 

location-specific physical and chemical characteristics where the experiments were 

performed.  

 Marsh pore water often has high concentrations of metabolic products and 

substrates, including sulfide (H2S), ammonium (NH4
+), dissolved organic carbon (DOC), 

and dissolved inorganic carbon (DIC); however, these concentrations may be modified by 

location-specific physical characteristics. Elevation varies across and within salt marshes, 

driven by many factors including suspended sediment concentrations in tidal water, rate 

of sea level rise, tidal amplitude (Friedrichs et al., 2001), below-ground and above-

ground productivity, nutrient concentrations (Morris et al., 2002), and distance from the 

tidal creek, and largely determines the frequency and duration of marsh tidal inundation. 

Because tidal water acts as a diffusion barrier blocking exposure of marsh sediments to 

oxygen, marshes with longer duration and frequency of inundation tend to have 

sediments with more reduced conditions, greater H2S concentrations (DeLaune et al., 

1983), and hypersalinity due to evapotranspiration (Morris et al., 2002). The residence 

time of pore water may vary widely across marshes depending on sediment composition, 
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hydraulic conductivity, slope, elevation, tidal amplitude, groundwater hydrology, and 

other factors (Tamborski et al., 2017), and influences accumulation of metabolic 

products. S. alterniflora productivity, which is dependent on elevation (Morris et al., 

2002) and inhibited by H2S (Bradley and Morris, 1990), influences pore water chemistry 

by taking up N, oxidizing sediments, and releasing labile DOC (Howes et al., 1981). 

Creek banks are often associated with a high-elevation berm developed by high rates of 

long-term sediment deposition adjacent to the tidal creek (Temmerman et al., 2003). 

Rapid pore water flushing and drainage at creek banks (Harvey et al. 1995, Gardner 

2005) results in low concentrations of pore water metabolic products (Howes and 

Goehringer, 1994), and greater plant productivity (Howes et al. 1981, DeLaune et al. 

1983) at the creek bank. Marsh pore water chemistry is strongly influenced by vegetation 

in interior marsh, but hydrology holds a greater influence at creek banks (Moffet and 

Gorelick, 2016). Because plant productivity, tidal range, elevation, pore water residence 

time, and a host of other factors controlling pore water chemistry are so variable across 

marsh locations, high spatial variability in the contents of marsh pore water may drive 

strong spatial patterns of N and C cycling. The overarching objectives of this dissertation 

were to determine differences and drivers of microbial communities, N and C cycling, 

and the impacts of fertilization across salt marsh locations with varying physical and 

chemical characteristics. 

1.2 Carbon Accumulation 

Carbon accumulation is critical for marshes to keep up with sea level rise, but 

rates and processes by which accumulation occurs may be dependent on physical 

characteristics of a location. The two major ways by which carbon may accumulate are 



6 

 

through autochthonous C cycling or allochthonous input of sediment. Marsh sediments 

are prime locations for microbial C cycling, in part because of the high productivity of 

marsh grass species and abundance of OM, which plays the role of electron donor in a 

variety of microbially mediated redox reactions including aerobic, sulfate, and nitrate 

respiration. Net ecosystem CO2 exchange (NEE), the balance between gross primary 

productivity (GPP) and respiration (R), determines whether a marsh is net heterotrophic 

and a source of CO2 to the atmosphere, or is net autotrophic and a sink for CO2 from the 

atmosphere. A significant quantity of C may be exported laterally as DIC, along with 

DOC, in tidal water (Wang et al., 2016). CH4 may also be produced through 

methanogenesis, but this process is thought to be largely suppressed by the presence of 

sulfate in salt marsh sediments, since sulfate reduction has been observed to be the 

dominant form of respiration in some salt marshes (Howarth and Giblin, 1983; Howes et 

al. 1984; Poffenbarger et al., 2011). Stems of S. alterniflora may aid transport of CH4 to 

the atmosphere by acting as a conduit through the zone of CH4 oxidation in sediments 

(Tong et al., 2012). Because H2S produced as an end product of sulfate reduction has 

inhibitory effects on N cycling pathways including nitrification (Joye and Holibaugh, 

1995), denitrification (Brunet and Garcia‐Gil, 1996), and N uptake of S. alterniflora 

(Bradley and Morris, 1990), pore water chemistry of a location will be an important 

regulator of autochthonous C accumulation or loss. Fertilization has been shown to 

increase respiration and C loss as CO2, but the effect may be diminished in locations 

where these N cycling processes are inhibited by H2S, and may be more pronounced in 

locations where pore water NH4
+ is limited. 

https://esajournals.onlinelibrary.wiley.com/doi/10.1890/1540-9295%282007%295%5B89%3AHWOTRO%5D2.0.CO%3B2#i1540-9295-5-2-89-brunet1
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Because suspended sediments often have high organic content, they may be a 

significant source of a salt marsh’s total C accumulation rate. The rate of sediment C 

accumulation will depend on the proportion of organic C in suspended sediments and the 

rate of accretion, which may vary depending on elevation, inundation duration, 

suspended sediment concentration (Friedrichs et al., 2001), and S. alterniflora AGB 

(Morris et al., 2002). Creek banks typically have greater AGB but higher elevations; thus, 

whether they will accrete more or less than interior marsh is not clear-cut. In locations 

where fertilization increases AGB and tidal water contains ample sediment 

concentrations, fertilization will likely increase allochthonous C accumulation. Net 

ecosystem carbon balance (NECB) is an estimate of total C accumulation through a mass 

balance of C gains through sediment input and primary production, and C losses through 

respiration and lateral C export. 

1.3 Interactions of Nitrogen Cycling with Pore Water Chemistry 

Because N cycling processes are dependent on the availability of N and DOC and 

interactions with H2S, dominant N cycling communities and NO3
- metabolism rates may 

differ as a result of location-specific pore water chemistry. As described above, salt 

marsh pore water typically contains high concentrations of NH4
+, which may either be 

taken up by plants for growth or used for nitrification under oxic conditions. Nitrification, 

the oxidation of NH4
+ to NO3

-, has been observed to be the primary source of marsh  

NO3
-, which can be further metabolized by coupled denitrification or dissimilatory nitrate 

reduction to NH4
+ (DNRA) in salt marshes (Koop-Jakobsen and Giblin, 2010). 

Denitrification (DNF), reduces NO3
- to N2 and leads to removal of N from the system, but 

DNRA, reduces NO3
- to NH4

+ and leads to retention of N within the system. Anammox, 
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an alternate N removal pathway requiring nitrite and NH4
+ to produce N2 gas, has been 

observed to be a relatively minor contributor to N cycling in salt marsh sediments (Koop-

Jakobsen and Giblin, 2009). H2S inhibits nitrification, DNF, and plant N uptake by 

interfering with the responsible enzymes; however, H2S may stimulate chemolithotrophic 

DNRA by acting as an electron donor (Burgin and Hamilton, 2007). DNRA also tends to 

be favored over DNF in locations with high DOC:NO3
-. Thus, pore water H2S 

concentrations, which differ based on physical factors of a location, may dictate whether 

DNF or DNRA is the dominant NO3
- reduction pathway. Vegetation has been observed to 

enhance DNF by stimulating nitrification in the rhizosphere (Hinshaw et al., 2017). Creek 

banks are thought to have higher potential rates of coupled nitrification-denitrification 

resulting from more oxidized sediments, but actual rates may be limited by lower pore 

water NH4
+ availability (Howes and Goeringer, 1994).  

Marshes perform the ecosystem service of removing excess N from tidal water 

(Sousa et al., 2008; Velinsky et al., 2017). Fertilization has been shown to increase DNF 

(Koop-Jakobsen et al., 2010, Hamersley et al., 2005) and decrease DNRA (King & 

Nedwell, 1985; Peng et al., 2016) in salt marshes; however, because denitrification is a 

heterotrophic respiratory process, increased N removal may result in increased C loss. 

Other studies have shown an increase in DNRA (Koop-Jakobsen et al., 2010), possibly 

resulting from differing site-specific physical and chemical characteristics such as high 

sulfide or DOC:NO3
-. Because DNF is a heterotrophic process but DNRA is typically 

either a chemolithotrophic or fermentative process (Washbourne et al. 2011), shifting the 

dominance of these processes may influence overall C cycling and responses to 

fertilization.  
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1.4 Pore Water Chemistry Drives Microbial Community Composition and Marsh 

Function 

Salt marsh sediments host diverse microbial communities, which oxidize organic 

carbon using a variety of pathways while reducing available electron acceptors; however, 

the structure, diversity, and function of these communities may be driven by physical and 

chemical characteristics of the marsh location. Plant communities, which vary in species, 

biomass, and productivity, have also been observed to play a strong role in shaping salt 

marsh microbial communities (Blum et al. 2004). Bowen et al. (2009) observed that 

microbial communities displayed significant dissimilarity across marsh locations, 

including five sub-habitats defined as creek banks, tall-form S. alterniflora-dominated 

locations, short-form S. alterniflora-dominated locations (lower elevation than tall-form), 

Spartina patens-dominated locations, and unvegetated mudflat, at the beginning of the 

growing season, but the microbial communities gradually became more similar as the 

growing season progressed. Furthermore, communities became more similar within 

analogous sub-habitats across different marshes than in different sub-habitats within the 

same marsh. Thus, physical and chemical environments appear to be stronger drivers of 

community structure than geospatial proximity. Fertilization was shown to have little 

impact on overall community structure but great impact on the diversity of active 

communities (Kearns et al. 2016). Microbial community composition, diversity, and 

functional gene abundance across locations with differing pore water chemistry may be 

important indicators of salt marsh N and C cycling function.  

Thus, location-specific physical characteristics of a salt marsh may drive specific 

pore water concentrations of H2S, N, and C, which will drive microbial community 
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composition, rates of NO3
- metabolism, and total C accumulation of the salt marsh. The 

response to fertilization may vary by location depending on the microbial communities 

responsible for N and C cycling shaped by pore water chemistry. In general, locations 

with high H2S and NH4
+ concentrations are expected to display diminished fertilization 

responses because of the inhibition of nitrification, denitrification, and N uptake, while 

locations with low H2S and NH4
+ concentrations such as creek banks may have greater 

responses to fertilization. This dissertation will compare the responses of microbial 

communities, N cycling processes, and C accumulation to fertilization across locations 

with differing physical and chemical characteristics in order to explore the effect of 

location-specific characteristics on fertilization responses.  

1.5 Objectives and Approach 

Chapter 1 Objective: Determine the impacts of fertilization on S. alterniflora biomass 

and CO2 fluxes across salt marsh locations with varying pore water chemistry 

Approach: Seasonal pore water sulfide, ammonium, DOC, and DIC 

measurements, above and below-ground biomass, and in situ CO2 fluxes were 

taken in control and fertilized plots at each of three marsh locations with varying 

pore water characteristics. CO2 fluxes were modeled hourly based on temperature, 

light, water depth, and plant height and validated with on-site eddy covariance 

CO2 flux data to scale to an annual value. 

 

Chapter 2 Objective: Determine NECB and the impact of fertilization at an annual 

whole marsh scale. 
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Approach: NECB was calculated in both control and fertilized plots based on a 

mass balance of CO2 fluxes, lateral DIC and DOC fluxes, and sediment C 

deposition. Lateral fluxes were modeled based on respiration rates, and sediment 

C deposition was calculated from marker horizon accretion rates and surface 

sediment C content. Differences between edge and interior marsh NECB were 

factored in during spatial extrapolation. 

 

Chapter 3 Objective: Determine differences, drivers, and fertilization effects on N 

cycling rates and gene abundances across salt marsh locations with varying pore water  

chemistry 

Approach: Denitrification and DNRA were measured seasonally in cores in a dark 

chamber using 15NO3
- stable isotope tracers and measurement on a membrane 

inlet mass spectrophotometer (MIMS). Cores were taken from control and 

fertilized plots across salt marsh locations with varying pore water characteristics. 

Abundances of denitrification, DNRA, and nitrification functional genes were 

quantified using qPCR. 

 

Chapter 4 Objective: Compare surface sediment total and functional microbial 

communities across salt marshes with varying pore water chemistry in natural and 

fertilized conditions. 

Approach: DNA was extracted from surface sediment samples, and the 16S rRNA 

gene was targeted for sequencing using an Illumina MiSeq. The DADA2 pipeline 

was used to process sequences and identify taxa. Nitrifier, sulfate reducer, 
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methanogen, and methanotroph functional groups were inferred based on 16S-

derived taxonomy. 

1.6 Study Site 

This study was conducted across three marsh sites at Marine Corps Base Camp 

Lejeune, NC demonstrating a gradient of pore water H2S and DOC concentrations. One 

site was located on the edge and a second site was located in the interior of a S. 

alterniflora marsh adjacent to Freeman Creek (FC), a small tidal creek along the 

Intracoastal Waterway on Marine Corps Base Camp Lejeune, NC with a salinity range of 

30-35 and annual average tidal amplitude of 0.83 m. The marsh interior was inundated 

with tidal water 55% of the year. FC edge was located on a high elevation berm within 5 

m of the creek and inundated by tidal water for 36% of the year. FC edge had 

significantly lower concentrations of H2S, DOC, and NH4
+ than the interior. A third site 

was located at a S. alterniflora marsh adjacent to Traps Bay Creek (TBC), a tidal creek 

within an embayment in the New River Estuary. TBC had significantly higher 

concentrations of pore water H2S, DOC, and NH4
+ than the Freeman edge and interior 

sites, a salinity range of 26-32, an annual average tidal amplitude of 0.57 m, and was 

flooded 68% of the year. 
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Chapter 2 

 

The Effect of Fertilization on Biomass and Metabolism in North Carolina Salt 

Marshes: Modulated by Location-Specific Factors 

Abstract 

The resilience of salt marshes to sea level rise depends on vertical accretion through 

belowground biomass production and sediment deposition to maintain elevation above 

sea level. Increased nitrogen (N) availability from anthropogenic sources may stimulate 

above-ground biomass production and sediment deposition and, thus, accretion; however, 

increased N may also negatively impact marsh accretion by decreasing below-ground 

biomass and increasing net CO2 emissions. A study was conducted in Spartina 

alterniflora-dominated salt marshes in North Carolina, USA to determine how biomass 

and metabolism response to fertilization varies across locations with different physical 

and chemical characteristics. Pore water residence time, inundation time, and proximity 

to tidal creeks drove spatial differences in pore water sulfide, ammonium, and dissolved 

carbon concentrations. Although annual respiration and gross primary production were 

greater at the creek edge site than interior marsh sites, net ecosystem CO2 exchange 

(NEE) was nearly balanced at all the sites. Fertilization decreased below-ground biomass 

in the interior sites but not on the creek edge. Above-ground biomass, respiration, gross 

primary production, and net CO2 emissions increased in response to fertilization, but the 

response was diminished in interior marsh locations with high porewater sulfide. Hourly 

NEE measured by chambers were similar to hourly NEE observed by a nearby eddy 
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covariance tower, but correcting for inundation depth relative to plant height was critical 

for accurate extrapolation to annual fluxes. The impact of fertilization on biomass and 

NEE, and thus marsh resilience,  varies across marsh locations depending upon location-

specific pore water sulfide concentrations.  

Plain Language Summary 

Salt marshes are valuable for services they provide, such as protecting the coast from 

storms and removing excess nutrient pollution from water. Because sea level is currently 

rising, salt marshes need to build up elevation at the same rate as sea level rise to survive. 

Human-produced nitrogen pollution is rising in salt marshes, often increasing the growth 

of grass, which may cause the marsh to trap sediment more efficiently and build elevation 

faster. However, increasing nitrogen may also decrease root growth and increase 

sediment microbial activity (which decomposes sediment organic carbon to carbon 

dioxide), causing elevation-building to slow down. It is unclear whether the addition of 

nitrogen affects the marsh's elevation-building rate in a positive or negative way. We 

found that the effect of nitrogen on elevation-building depends on location. Factors such 

as tidal inundation time and sediment drainage influence the water chemistry in marsh 

sediment, and that chemistry influences the response to excess nitrogen. Sulfide interferes 

with the effects of increasing nitrogen by inhibiting nitrogen uptake by plant roots and 

microbial activity. Therefore, marsh locations with more sulfide have diminished impacts 

by nitrogen pollution. This knowledge may be used for management of marshes at risk 

due to nitrogen pollution. 
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1 Introduction  

Salt marshes rely on vertical organic carbon and mineral accretion to maintain 

elevation above rising sea level. If salt marsh platforms do not build elevation faster than 

the local rate of relative sea level rise, these ecosystems may convert to mudflat or open 

water. Marsh elevation may be gained either through uptake of CO2, producing biomass 

that results in vertical below-ground expansion, or through deposition of sediment 

suspended in tidal water that results in vertical surface accretion (Friedrichs & Perry, 

2001). The uptake of CO2 via gross primary production (GPP) is counterbalanced by the 

release of CO2 through plant and microbial respiration (R). Net ecosystem exchange 

(NEE), the balance between GPP and R, determines whether the marsh will have a net 

gain or loss of carbon (C) through community metabolism that may contribute to 

accretion. Above-ground biomass (AGB) of dominant macrophytes such as Spartina 

alterniflora impedes the velocity of tidal water, causing deposition of particulates and 

allowing marshes to efficiently trap suspended sediments. A strong positive correlation 

between AGB and sediment deposition has been well established in locations with ample 

suspended sediment availability (Mudd et al., 2009).  

Nitrogen (N) availability in salt marsh ecosystems has been increasing as a result 

of anthropogenic inputs in coastal waters (Pardo et al., 2011; Hopkinson et al., 2012), 

impacting salt marsh accretion mechanisms in both positive and negative ways. Because 

salt marsh macrophytes are often N-limited (Valiela, 2015), N fertilization may cause an 

increase in AGB and subsequently an increase in sediment trapping and accretion. 

However, fertilization may also cause below-ground biomass (BGB) and root : shoot 

ratios to decrease (Darby & Turner, 2008), resulting in a decrease in the rate of below-
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ground expansion and destabilization that may lead to the collapse of creek banks 

(Deegan et al. 2012). Decreasing root : shoot ratio is thought to signify decreasing 

stability of the marsh platform (Darby & Turner, 2008). Furthermore, fertilization has 

been observed to increase degradation of organic matter by microbial respiration 

(Wigand et al., 2009), causing a loss of soil carbon content (Morris & Bradley, 1999) 

which may negatively impact marsh elevation. 

Although numerous fertilization studies have been performed to determine the 

effect of increasing N on salt marsh resilience, conflicting results suggest that the 

response to fertilization may vary with site-specific characteristics (Davis et al., 2017). 

Most fertilization studies have observed an increase in AGB in response to fertilization 

(Mendelssohn, 1979; Darby & Turner, 2008; McFarlin et al., 2008; Anisfield & Hill, 

2012; Morris et al., 2013; Valiela, 2015); however, the response of sediment deposition 

varied between increasing deposition or no response (Morris et al., 2013). BGB has been 

observed to either increase (Morris et al., 2013; Wigand et al., 2015) or decrease (Darby 

& Turner, 2008; Deegan et al., 2012) depending on the study. Several studies found that 

R and GPP (Wigand et al., 2009; Anisfeld and Hill, 2012; Caplan et al., 2015; Geoghegen 

et al., 2018; Morris & Bradley, 1999; Wang et al., 2013) increased in response to 

fertilization, but the results for NEE were mixed with either no detectable response 

(Geoghegan et al., 2018) or an increase in net CO2 emission (Caplan et al., 2015; Wang et 

al., 2013a).  

While these conflicting results could arise from variations in the type, amount, 

frequency and technique of application of N fertilizer (Johnson et al., 2016), they may 

also arise from heterogeneity in the physical and chemical characteristics of the locations 
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where these experiments were performed. Elevation, which largely determines the 

frequency and duration of marsh tidal inundation, varies across and within salt marsh 

locations. Because tidal water acts as a barrier to diffusion of atmospheric oxygen into 

marsh sediment, inundation time may have an especially strong influence on chemical 

characteristics of marsh pore water. Marshes with long inundation times tend to have 

more reduced conditions and greater sulfide (H2S) content (Howes & Goehringer, 1994). 

The residence time of pore water, which varies depending on sediment composition, 

slope, elevation, tidal amplitude, and groundwater hydrology (Tamborski et al., 2017), 

governs the concentrations of metabolic products accumulating in pore water. 

Creekbanks are distinct sub-habitats within marsh ecosystems that often have a high 

elevation berm resulting from high rates of sediment deposition (Temmerman et al., 

2003). Exposure to high energy oxic creek water often rapidly flushes pore water in creek 

bank sediments (Harvey et al., 1995; Gardner, 2005). Thus, physical characteristics 

which drive differences in inundation and porewater exchange shape spatially 

heterogeneous pore water chemistry across salt marsh locations. 

Contrasting pore water characteristics interact with N and C cycling in salt 

marshes, and can alter the response of marsh biomass production and metabolism to N 

fertilization. H2S, the product of sulfate reduction which accumulates to high 

concentrations in some marsh locations, inhibits coupled nitrification - denitrification 

(Joye & Holibaugh, 1995; Burgin & Hamilton, 2007), preventing heterotrophic 

denitrification from mineralizing organic carbon (OC) to CO2, whereas it may stimulate 

chemolithotrophic dissimilatory nitrate reduction to ammonium (DNRA) by acting as an 

electron donor (Burgin & Hamilton, 2007), enhancing CO2 uptake. Marsh plants can 
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enhance coupled nitrification - denitrification in the rhizosphere through release of 

oxygen (Hinshaw et al., 2017). Because DNF is a heterotrophic process and DNRA is 

typically either a chemolithotrophic or fermentative process (Washbourne et al., 2011), 

shifting the dominance of these processes is likely to influence overall C cycling and 

responses to fertilization. H2S is known to act as a toxin to S. alterniflora at high 

concentrations (Lamers et al., 2013), stunting biomass production and limiting GPP by 

inhibiting N uptake (Bradley & Morris, 1990). S. alterniflora releases oxygen from roots, 

changing the redox potential of the sediment and acting as a defense against H2S toxicity 

by oxidizing H2S to sulfate (Lee et al., 1999).  

  Marsh NEE can be measured using either chambers or eddy covariance towers. 

For this study, we have chosen to use chambers since they easily allow for experimental 

manipulations such as fertilization; however, chamber measurements present a challenge 

due to their short time scale and labor-intensive protocols. Chamber studies typically 

ignore the effects of tidal inundation since they are most often performed during marsh 

emergence from tidal water. Since tidal water may act as a diffusion barrier to 

atmospheric CO2 and O2, affect S. alterniflora metabolism through stomatal closure and 

inhibition of photosynthesis (Pezeshki, 2001), and cause the products of sediment 

microbial R to dissolve as DIC, we have developed a model to extrapolate CO2 fluxes to 

an annual scale that incorporates a correction for the effects of tidal inundation.  

This study examined variations in the response of S. alterniflora biomass and 

ecosystem metabolism to fertilization across three marsh locations with contrasting 

physical characteristics. We scaled chamber measurements to annual fluxes using an 

extrapolation model, compared results to eddy covariance tower observations to assess 
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differences between methods, and quantified the importance of inundation correction on 

our extrapolation model. We hypothesized that physical characteristics of a salt marsh 

drive location-specific pore water chemistry, modulating the response of biomass and 

metabolic rates to fertilization. Fertilization responses were expected to be greater in 

locations with higher elevation, lower inundation periods, and close proximity to tidal 

creeks. In interior sites with low elevation and long inundation periods we expected that 

sulfide will buffer responses to fertilization.  

2 Methods 

2.1 Site Description 

Three locations were selected within Spartina alterniflora-dominated marshes on Marine 

Corps Base Camp Lejeune, NC, USA (Figure 1, 34° 35' 52.8'' N, 77° 19' 37.2'' W, see 

Figure S1 for detailed plot pair locations) to represent marshes with contrasting physical 

characteristics (Table 2-1). Plots were established in the interior and along the creek edge 

at Freeman Creek (FC), a tidal creek along the Intracoastal Waterway. The FC creek edge 

had a berm with an elevation 0.25 m higher than the average FC interior marsh elevation. 

A third site was selected in the interior of a marsh fringing the mouth of Traps Bay Creek 

(TBC), a tidal creek in an embayment within the New River Estuary. The tidal range 

averaged 0.57 m in TBC and 0.83 m in FC. Although the average elevation of TBC was 

between the average elevations of the FC edge and interior, differences in local 

hydrological regimes caused TBC to have a longer annual tidal inundation period and 

pore water residence times. Pore water residence times were measured in 2009-2010 by 

Lettrich (2011) using the Darcy method. 
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Table 2-1 

Physical characteristics of the three experimental marsh sites.  

Characteristic Unit FC edge FC interior TBC interior 

Tidal amplitude
a

 
m 0.83 0.83 0.57 

Elevation (NAVD88)
b

 
m 0.21 -0.04 0.08 

Annual % time inundated
c

 
% 36 55 68 

Typical salinity range
d

 

 
30-35 30-35 25-32 

Pore water residence time
e

 
days Unknown 12 90 

Tidal creek proximity m 0-5 > 25 > 5 

 a Ensign et al. (2017) 

baverage plot elevation based on laser level measurements 

cbased on water level data from Hobo dataloggers and the NOAA Beaufort tidal gauge 

(which closely matched Hobo water level data at FC) 

dYSI readings in the creeks near the sites over several tidal cycles per season 

eLettrich (2011)  
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Figure 1. Map of Marine Corp Base Camp Lejeune, NC, USA (34° 35' 52.8'' N, 77° 19' 

37.2'' W) with the experimental plot locations marked with red stars.  

2.2 Experimental Design 

 Three replicate control-fertilized plot pairs were established in each of the three 

selected sites, maintaining at least 1 m between plots. Two piezometers at 5 and 15 cm 

sediment depths and a 0.9 m x 0.9 m square aluminum collar with drainage holes were 

permanently installed in each plot at the beginning of the experiment. A solid mixture of 

NH4NO3 and P2O5 (30 mol N yr-1 and 15 mol P yr-1) was broadcast seasonally on plots 

randomly chosen for fertilization. This fertilization rate was selected because it has been 

used in several other studies (Valiela, 2015; Davis et al., 2017; Morris et al., 2002). 
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Fertilization was performed in Spring 2015, Summer 2015, and subsequently one month 

before each seasonal sampling, and plots were sampled seasonally from Fall 2015 to 

Summer 2016. 

2.3 Pore Water Chemistry  

 Pore water was collected seasonally from each 5 and 15 cm piezometer to 

measure H2S, NH4
+, DOC, and DIC concentrations. Piezometers were flushed with N2 

gas prior to sampling to remove reactive gases, and pumped to flush out stagnant pore 

water. The H2S, NH4
+, and DOC samples were filtered in the field with 0.45 µm 

polyethylsulfone syringe filters, and DIC samples were collected without filtering in 8 

mL hungate tubes spiked with 8 µL of saturated HgCl2 solution. H2S samples were 

filtered directly into 0.01 M zinc acetate solution and analyzed on a spectrophotometer 

using Cline’s reagent (Cline, 1969) within 15 days of collection. NH4
+ samples were 

frozen for storage and analyzed on a Lachat Quickchem using phenol hypochlorite 

chemistry (Solorzano, 1969). Because the presence of H2S in samples results in a false 

NH4
+ signal using the phenate method, H2S was removed from samples prior to analysis 

by acidifying to a pH < 3 with sulfuric acid, sparging with argon gas for 8 minutes, and 

re-neutralizing using NaOH prior to analysis. DOC samples were filtered into 

scintillation vials (combusted prior to sampling at 500 oC for 5 hours), frozen for storage, 

and analyzed on a Shimadzu TOC-V analyzer. DIC samples were analyzed within 30 

days of collection with a Li-Cor 6252 infrared CO2 analyzer by injecting 100 µL of 

sample into 0.05 M H2SO4 sparged with N2 gas as described in Neubauer and Anderson 

(2003). 
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2.4 Biomass 

 S. alterniflora above-ground biomass (AGB) was estimated seasonally inside each 

plot collar by measuring the height of 10 randomly selected stems to the tip of the longest 

leaf, and converting these heights to AGB per stem using the algorithm in Davis et al., 

2017. Stem density was determined within a 0.25 m quadrat in each plot and used to scale 

to AGB per m2.  

 Below-ground biomass (BGB) was measured once at the end of the experiment 

(November 2016) by collecting one 20 cm deep, 6.4 cm diameter sediment core from 

each plot, rinsing the sediment through a 1 mm pore size sieve, drying the remaining 

biomass at 60 oC for two weeks, and weighing the dried biomass. 

2.5 Chamber Measurements of Metabolic Rates 

 Vertical CO2 fluxes in each plot were measured seasonally with a Los Gatos 

Ultraportable Greenhouse Gas Analyzer (Model 915-0011) using static chambers 

equipped with an ice water cooling system to maintain chamber interiors within 2 oC of 

ambient air temperature (Neubauer et al., 2000). A C1000 Campbell datalogger was used 

to log air and sediment temperatures with thermocouplers and photosynthetically active 

radiation (PAR) with Li-Cor 190R Quantum deck sensors inside and outside the 

chambers, each at 15 second intervals. The static chambers were covered with shade 

cloths to measure CO2 in four different light conditions. The CO2 flux measured in the 

dark represented respiration (R), and the three other light levels (approximately 25%, 

50%, and 100% ambient light) were used to construct photosynthesis-irradiance (P-I) 

curves for modeling GPP.  
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2.6 Scaling observed metabolic rates to daily and annual rates 

Respiration Q10 was determined experimentally using triplicate 10 cm deep x 6.4 

cm diameter sediment cores taken at both FC and TBC in November 2016. CO2 

concentrations were measured by a Li-Cor 6252 in the headspaces over the sediment 

cores at three time points in a dark environmental chamber to determine R at 15 and 25 

oC. The formula used to calculate the Q10 value for each core was: 

Q10 = R2/R1
(10/(T2-T1))  

where R1 and R2 correspond to the rates of R measured at temperatures T1 (15 oC) and T2 

(25 oC), respectively. Because no significant difference between Q10 values was detected 

across sites, the average of all six values was used to extrapolate R based on sediment 

temperature. 

The initial slope (α) and Pmax of P-I curves were calculated using the equation 

from Jassby and Platt (1976) in the phytotools package (Silsbe & Malkin, 2015) for R 

software (R Core Team, 2014).  An exponential relationship determined between alpha 

and temperature was used to adjust daily α throughout the year. Daily P-I curves with 

temperature-adjusted alphas were then used to model hourly gross primary production 

(GPP) using average hourly PAR from the CRONOS Database weather station at the 

Pamlico Aquaculture Field Laboratory in Aurora, NC 

(https://climate.ncsu.edu/cronos/?station=AURO). Because no relationship was observed 

between Pmax and sediment temperature, Pmax remained fixed during each season.  

2.7 Correcting modeled hourly R and GPP for tidal inundation 

 Modeled hourly CO2 fluxes due to R and GPP were modified based on tidal 

inundation depth. A previous study (Zawatski, 2018) observed that CO2-derived R and 

https://climate.ncsu.edu/cronos/?station=AURO
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GPP rates both decreased linearly with increasing tidal water depth, resulting in zero CO2 

flux when the water depth and the average plant height were equal. This relationship was 

applied to correct hourly R and GPP fluxes in each plot based on the average plant height 

and hourly average water depth in each plot. GPP, R, and NEE values were scaled up to 

daily and annual rates by summing modeled hourly values. The average hourly modeled 

chamber NEEs for FC interior control plots were validated by comparison to NEEs 

observed concurrently using an eddy covariance tower located in the interior of FC 

(tower data from Fogarty et al., 2018). The FC interior plots were within the typical tower 

flux footprint. Thirty days per season were compared surrounding the date of chamber 

measurements. 

2.8 Statistics 

 Three-way ANOVAs with location, season, and treatment (fertilized vs. control) 

as factors were performed using the statistical software R (R Core Team, 2014) to 

determine significant differences (p < 0.05) between treatments and locations for seasonal 

data. Mixed-effect models were constructed with the lme4 package (Bates et al. 2015) in 

R using treatment and location as fixed effects and plot pair as a random effect to 

compare end-of-experiment BGB and annual GPP, R, and NEE values. ANOVA 

assumptions of normality and equal variance were tested, and to meet the normality 

assumption the H2S data were square-root transformed and the NH4
+, DIC, DOC, and 

AGB data were log-transformed. Tukey posthoc tests were performed for pairwise 

contrasts between factors. 

Structural equation modelling (SEM) was used to determine direct and indirect 

effects of pore water chemistry and fertilization on biomass and metabolic parameters. 
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The piecewise SEM package (Lefcheck, 2016) was used in R software to construct and 

analyze SEMs. Pore water concentrations from 5 and 15 cm depths were averaged for 

SEM analysis. 

 3 Results 

3.1 Pore Water Chemistry 

 Based on 3-way ANOVA analysis, each measured pore water analyte differed 

significantly between experimental locations (Table 2-2). FC edge porewater had 

significantly lower concentrations of H2S (p =7 x 10-7 at 5 cm depth; p = 0.007 at 15 cm 

depth), NH4
+ (p < 1 x 10-7 at 5 cm and 15 cm depths), DOC (p = 2.8 x 10-6 at 5 cm depth; 

p = 0.01 at 15 cm depth), and DIC (no difference at 5 cm depth, p = 0.005 at 15 cm 

depth) than FC interior and TBC. TBC had significantly greater H2S (no difference at 5 

cm depth, p = 1 x 10-7at 15 cm depth ), NH4
+ (no difference at 5 cm depth, p < 1 x 10-7 for 

15 cm depth), DOC (p = 1.7 x 10-4 at 5 cm depth; p < 1 x 10 -7 at 15 cm depth), and DIC 

(no difference at 5 cm depth, p < 1 x 10-7 at 15 cm depth) than FC interior and FC edge. 

H2S, DOC, and DIC concentrations in fertilized plots were not significantly different than 

in control plots; however, a significant interaction between fertilization and location at 15 

cm depth (p = 0.007) indicated that fertilized plots had greater NH4
+ concentrations at 

TBC but not at FC edge or interior. 
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Table 2-2. Seasonal averages (standard errors) of pore water analyte concentrations  

  
 

Control Fertilized 

 
Site: Freeman Edge Freeman Interior Traps Freeman Edge Freeman Interior          Traps 

 

Depth 

(cm): 5 15 5 15 5 15 5 15 5 15 5 15 

H2S (µM) 

Fall 43 (19) 905 (88) 561 (407) 875 (437) 1209 (112) 2716 (263) 13 (13) 372 (240) 
2629 

(1639) 1486 (843) 1335 (916) 2893 (512) 
Winter 0 (0) 130 (73) 87 (70) 341 (196) 1183 (780) 2119 (682) 3 (3) 0 (0) 202 (149) 91 (62) 144 (92) 1808 (126) 
Spring 0 (0) 37 (37) 376 (305) 142 (101) 889 (573) 1138 (134) 0 (0) 5 (5) 101 (69) 83 (47) 106 (60) 943 (125) 

Summer 22 (22) 711 (295) 768 (362) 544 (104) 870 (338) 2566 (830) 0 (0) 188 (186) 810 (69) 548 (81) 642 (287) 2501 (548) 

NH4

+ 
(µM) 

Fall 3.8 (0.5) 14.8 (6.1) 39.6 (21.7) 94.7 (45.4) 
119.8 

(52.9) 329.2 (52.9) 7.0 (1.6) 11.9 (3.8) 48.7 (31.6) 71.7 (36.1) 82.4 (46.5) 
654.8 

(288.5) 

Winter 5.6 (1.0) 5.8 (1.7) 28.4 (9.7) 37.3 (8.0) 
115.6 

(64.0) 279.6 (75.5) 7.1 (3.2) 11.2 (4.2) 84.4 (29.4) 
144.5 

(46.7) 
889.8 

(807.5) 
1180.9 

(271.0) 

Spring 2.0 (0.6) 9.1 (3.5) 37.7 (12.8) 30.7 (9.6) 68.2 (48.2) 177.8 (71.4) 3.6 (0.7) 5.2 (2.2) 94.3 (35.6) 
128.0 

(70.9) 
546.3 

(501.2) 
1196.0 

(461.2) 

Summer 4.7 (0.2) 12.6 (2.3) 
105.2 

(11.3) 79.1 (24.2) 98.7 (78.0) 242.6 (78.6) 6.0 (0.5) 5.8 (1.4) 
305.2 

(145.8) 
324.9 

(239.2) 
102.4 

(70.4) 
776.8 

(307.9) 

DIC (mM) 

Fall 3.53 (0.29) 9.54 (1.40) 5.46 (1.29) 
10.31 

(3.87) 
10.11 

(1.86) 13.84 (2.26) 3.18 (0.35) 9.67 (2.25) 7.29 (2.39) 6.25 (1.74) 8.53 (2.00) 
17.35 

(1.24) 

Winter 2.59 (0.20) 4.80 (0.86) 3.19 (0.67) 4.54 (0.84) 7.23 (1.81) 13.88 (2.81) 3.13 (1.04) 4.62 (0.75) 4.17 (1.49) 3.17 (0.43) 3.61 (0.97) 
15.49 

(0.64) 

Spring 4.12 (1.15) 5.10 (0.88) 4.89 (1.30) 5.25 (0.97) 7.86 (2.68) 12.31 (1.88) 5.16 (1.08) 6.48 (0.86) 4.69 (0.67) 4.89 (0.40) 3.59 (1.10) 
12.10 

(1.73) 

Summer 4.17 (0.33) 8.70 (1.10) 7.32 (1.44) 9.14 (1.54) 8.54 (1.02) 13.41 (0.88 5.51 (0.66) 9.37 (0.99) 7.01 (0.87) 9.27 (0.67) 5.89 (0.76) 
13.66 

(0.92) 

DOC (mM) 

Fall 0.25 (0.04) 0.46 (0.23) 0.54 (0.10) 0.72 (0.00) 1.19 (0.17) 1.58 (0.20) 0.24 (0.02) 0.50 (0.15) 0.62 (0.18) 0.52 (0.04) 1.21 (0.16) 1.54 (0.30) 
Winter 0.34 (0.09) 0.23 (0.13) 0.37 (0.01) 0.51 (0.01) 0.94 (0.02) 1.05 (0.16) 0.24 (0.03) 0.25 (0.02) 0.50 (0.09) 0.35 (0.01) 0.67 (0.04) 1.07 (0.05) 
Spring 0.40 (0.18) 0.55 (0.29) 0.61 (0.18) 0.91 (0.08) 1.06 (0.03) 1.41 (0.23) 0.33 (0.04) 0.29 (0.04) 0.56 (0.09) 0.32 (0.04) 0.77 (0.16) 1.35 (0.10) 

Summer 0.40 (0.08) 0.66 (0.31) 1.37 (0.46) 0.99 (0.01) 1.15 (0.30) 1.69 (0.23) 0.30 (0.03) 0.48 (0.22) 0.87 (0.25) 0.84 (0.10) 1.13 (0.25) 1.71 (0.19) 
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3.2 Biomass  

According to the three-way ANOVA results, TBC had significantly less AGB per 

m2 than FC interior (p = 0.022) and FC edge (p = 2 x 10-5), but FC edge and FC interior 

AGB were not different (Table 3). AGB was significantly greater in fertilized plots than 

in control plots overall (p = 2 x 10-16); however, an interaction between the treatment and 

location factors (p = 0.043) indicated that there was no significant difference between 

control and fertilized AGB at TBC. During summer 2016, AGB in fertilized FC edge 

plots peaked dramatically to more than double the biomass of fertilized FC interior or 

TBC plots. Fertilized plots had significantly greater stem density (p = 2 x 10-7) and stem 

height (p = 5 x 10-11) overall; however, an interaction between location and treatment for 

stem density (p = 0.020) (but not stem height) indicated that there was no difference 

between control and fertilized stem density at TBC.  

BGB in FC edge control plots had less than 20% the amount of BGB measured in 

the control plots at the other two sites (p = 0.0001, Table 2), with a five-fold lower root : 

shoot ratio than interior and TBC plots. While BGB in the FC fertilized and control plots 

was not different on the edge, BGB in the fertilized FC interior and TBC plots was less 

than 50% of the BGB in respective control plots (p = 0.01). The root : shoot decreased at 

each location in response to fertilization, as expected. 
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Table 3 

Seasonal  average (SE) biomass parameters within the experimental sites and treatments 

  

  Freeman edge             Freeman interior                             Traps       

 

  

Control  Fertilized Control  Fertilized Control  Fertilized 

Stem density 

(stems m-2): Fall 2015 277 (23) 379 (5) 229 (14) 304 (9) 304 (73) 480 (49) 

 

Spring 2016 395 (19) 677 (93) 341 (27) 512 (37) 944 (281) 731 (155) 

 

Summer 2016 235 (32) 560 (105) 213 (28) 389 (30) 309 (46) 448 (88) 

 

Fall 2016 240 (33) 277 (46) 240 (33) 427 (46) 368 (9) 304 (37) 

Stem height 

(cm): Fall 2015 79.7 (0.9) 91.4 (4.9) 52.3 (1.5) 82.0 (8.5) 54.7 (4.6) 74.1 (3.6) 

 

Spring 2016 64.1 (1.5) 85.4 (1.0) 49.8 (2.5) 82.6 (7.1) 57.7 (12.5) 66.9 (11.2) 

 

Summer 2016 72.0 (3.0) 107.3 (3.2) 72.5 (4.0) 94 (8.8) 47.8 (3.0) 66.0 (6.4) 

 

Fall 2016 77.6 (4.0) 97.1 (1.4) 71.2 (3.5) 92.3 (7.9) 50.5 (2.1) 54.0 (4.7) 

Above-ground 

biomass (g m-2): Fall 2015 1436 (237) 2777 (348) 491 (50) 2186 (350) 590 (266) 2042 (465) 

 

Spring 2016 918 (27) 3648 (568) 523 (143) 2854 (938) 

3209 

(2476) 2400 (889) 

 

Summer 2016 803 (198) 7030 (143) 744 (11) 3106 (908) 403 (98) 1310 (440) 

 

Fall 2016 1045 (166)  2451 (524) 1062 (280) 3621 (1245) 491 (35) 518 (155) 

Below-ground 

biomass (g m-2) Fall 2016 1682 (443)       1871 (153)  9849 (5270)   4612 (1895)  

8141 

(1235)  4293 (877) 

Root : Shoot Fall 2016 1.8 (0.7)) 0.8 (0.2) 8.1 (2.3) 2.0 (1.2) 17.1 (3.6) 9.7 (3.6) 
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3.3 Daily NEE  

 Daily NEE and its response to fertilization differed depending on location (Figure 

S2). NEE was generally more dynamic and seasonally variable at FC edge control than in 

other treatments , ranging from -400 to +400 mmol CO2 m
-2 day-1. FC interior control 

plots were more balanced at zero net daily flux throughout the year with less seasonal 

variation and range than the edge, and TBC was similarly balanced but shifted further 

toward net CO2 uptake than FC interior in the spring. Fertilization on the FC edge caused 

daily NEE to become even more dynamic, especially during Fall 2015 and Spring 2016, 

with a clear shift toward greater daily net CO2 emission in the winter, spring, and 

summer. The fertilized FC edge displayed the greatest daily net emission of the sites 

during summer 2016 with an emission of 400-800 mmol CO2 m
-2 day-1, but also the 

highest daily uptake rates during fall 2015, as high as 800 mmol CO2 m
-2 day-1. The 

fertilized FC interior also exhibited a shift toward net emission during fall and summer 

and a shift toward net uptake during spring. The response to fertilization at TBC was 

more diminished than at the other two sites, with no clear seasonality or shift toward 

uptake or emission overall. 
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Figure 2. a) Annual respiration (yellow), gross primary production (green) and b) net 

ecosystem exchange in control and fertilized plots at the three experimental locations. 

Different letters on panel a) indicate statistically different fluxes, and the asterisk on 

panel b) indicates a statistically different flux. Positive values for R and NEE represent 

emission while positive values for GPP represent uptake.  
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3.4 Annual Metabolism  

Annual GPP (Figure 2) in control plots on the FC edge averaged 127 mol CO2 m
-2 

yr-1, more than double the GPP in control plots of the other two sites (p = 2.8 x 10-5), but 

FC interior and TBC control sites did not differ. Based on the mixed-effects model, GPP 

was significantly greater in fertilized plots than control plots (p = 7.4 x 10-6); however, an 

interaction between location and fertilization (p = 0.004) indicated that while GPP was 

greater in FC edge control plots than FC interior and TBC control plots, GPP in fertilized 

plots was not different across the three locations. 

 R showed a similar pattern to GPP across the sites. Annual control plot R 

averaged 120 mol m-2 yr-1 at FC edge, more than double the R in control plots of the two 

interior sites (p <1 x 10-5), but the two interior sites did not differ. Based on the mixed-

effect model results, R was significantly greater in fertilized plots than control plots 

overall (p = 2 x 10-16), but a significant interaction between location and treatment (p = 

0.019) indicated that R rates in fertilized plots of the interior and TBC were not different 

than in control plots on the edge. 

 NEE was nearly balanced near net zero annual CO2 flux at all three sites. Based 

on the mixed-effect model, fertilized plots had higher rates of net CO2 emission than 

control plots overall (p = 1.3 x 10-11); however, a significant interaction between location 

and fertilization (p = 3.7 x 10-5) indicated that fertilized plots along the edge had greater 

annual net CO2 emission than edge control plots, but there was no significant difference 

in NEE between control and fertilized plots at FC interior and TBC. The fertilized edge 

plots were estimated to emit an average of 62 mol CO2 m
-2 year-1

.  
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3.5. Effect of Tidal Inundation on Vertical CO2 Flux 

 The hourly modeled chamber NEE fluxes were corrected for the effect of tidal 

inundation based on water depth relative to the average plant height in each plot. Figure 3 

displays the % reduction in annual GPP and R resulting from the inundation correction on 

hourly rates. On the edge, which had the highest elevation and lowest % annual 

inundation time, both GPP and R were reduced 9-13% by the inundation correction, but 

because both GPP and R corrections were reduced by nearly the same magnitude, the 

inundation correction had a negligible effect on NEE. In the FC and TBC interiors, R and 

GPP were reduced by 20-35%, and because R was reduced more than GPP, the annual 

NEE value was offset in the direction of net uptake. The greatest reduction in net CO2 

emissions was 12 mol CO2 per year for the fertilized FC interior plots. 

 

Figure 3. % decrease in modeled R and GPP after correcting for inundation. Correction 

assumed a linear decrease in the flux with tidal water depth and zero flux when depth was 

equal to the average stem height (as observed in Zawatski, 2018). 
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Figure 4. Structural Equation Model results. Grey arrows represent non-significant 

pathways, but black and red arrows indicate significant positive and negative 

correlations, respectively. The correlation coefficient and thickness of each arrow 

corresponds to the relative strength of the relationship. The value within each box 

represents the unexplained variability.  

3.6 Chamber vs. Tower CO2 Measurements 

 Modeled hourly FC interior control plots corrected for tidal inundation were 

averaged and compared to hourly eddy covariance tower flux observations (Fogarty 

2018) for 30 days during each season (Figure S3). All tower observations that passed the 

QA/QC protocol described in Fogarty (2018) were included in this comparison. Average 

hourly NEE in FC interior control plots were found to be similar in magnitude to the eddy 

covariance tower observations, with a root square mean error (RSME) of 6.6 mmol m-2 
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hr-1; however, in Fall 2015 the chamber model consistently estimated greater mid-day 

CO2 uptake than tower measurements, while in Spring 2016 mid-day net CO2 uptake 

observed by the tower was at least double the NEE modeled by chamber measurements 

for eight of the thirty days. A linear regression comparing the methods (Figure S4) 

indicates that, while positively correlated, modeled chamber NEE tends to be greater than 

tower NEE. 

3.7 Structural Equation Model 

 A SEM with the structure presented in Figure 4 had an AIC score of 59 and 

overall p-value of 0.516 (models above p = 0.05 were considered significant). 

Fertilization and pore water H2S were the only two independent variables in the model. 

H2S was positively correlated with pore water NH4
+ but negatively correlated with GPP; 

However, pore water H2S was not correlated with AGB and R. Fertilization was 

positively correlated with pore water NH4
+, AGB, and GPP but was not directly 

correlated with R. GPP and R were strongly positively correlated, and both GPP and R 

had strong but opposing correlations with NEE. AGB was not directly correlated with the 

rates of GPP or R. 

 The interaction of H2S concentrations with the response of NEE to fertilization, 

which was implied by the results of the SEM, was visualized with a linear regression of 

the square root of average H2S concentrations versus the difference in NEE between each 

control and fertilized plot pair (Figure 5). This resulted in a significant negative linear 

relationship (p = 0.009) with an R2 value of 0.80, suggesting that accumulation of H2S in 

porewater reduces the impacts of marsh fertilization on NEE. 
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Figure 5. The linear relationship between annual average pore water H
2
S concentration 

(square-root transformed) and the response of NEE to fertilization (p = 0.009). ΔNEE = 

(NEE in fertilized plot)-(NEE in control plot) for each plot pair.  

4 Discussion 

4.1 Pore Water Chemistry 

 A natural gradient of pore water H2S, NH4
+, DOC, and DIC concentrations was 

observed across the three experimental locations in this study, from low on the FC edge 

to high at TBC. Although these pore water concentrations may be driven by a 

combination of hydrological and biological (plant and microbial) process rates, the higher 

concentrations of GPP products (DOC) and respiration products (DIC, H2S, NH4
+) 

observed at sites with lower rates of GPP and R suggests that the primary drivers for 

these site-specific concentrations were physical characteristics rather than biological 

process rates. Longer pore water residence and inundation times at TBC are the likely 
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cause for the greater accumulation of pore water analytes at TBC. Because tidal water 

acts as a diffusion barrier blocking exposure of marsh sediments to oxygen, marshes with 

longer duration and frequency of inundation tend to have sediments with more reduced 

conditions and greater H2S concentrations (DeLaune et al., 1983; Wigand et al., 2016). 

The lower concentrations of analytes on FC edge were expected due to higher elevation 

and proximity to the creek facilitating rapid pore water drainage and flushing of the pore 

space with oxic creek water (King et al., 1982; Howes & Goehringer, 1994). At TBC, 

pore water H2S frequently exceeded 2 mM, the threshold experimentally determined to 

completely inhibit N uptake by S. alterniflora (Bradley and Morris, 1990). Thus, the 

observed H2S concentrations were within a relevant range to impact S. alterniflora 

metabolism. Reduced, anoxic conditions and high H2S concentrations also inhibit NH4
+ 

oxidation to NO3
- by nitrification (Joye & Hollibaugh, 1995), hindering removal of N 

through coupled nitrification-denitrification, and therefore may increase NH4
+ 

concentrations in pore water.  

Fertilization did not affect the concentrations of pore water H2S, DOC, or DIC; 

however, NH4
+ concentrations increased with fertilization only at the TBC site. This site-

specific response to fertilization suggests that the fate of the NH4
+ fertilizer differed 

across the three sites. At FC edge and interior, potential fates of NH4
+ included uptake by 

S. alterniflora, microbial nitrification, or export due to flushing; however, the high H2S at 

TBC likely inhibited S. alterniflora N uptake and microbial nitrification, causing the 

NH4
+ added with fertilization to accumulate in pore water.  
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4.2 Biomass  

AGB was lower at the highly sulfidic TBC site than the less sulfidic FC sites, 

likely because above-ground growth was stunted by H2S inhibition of N uptake. 

Fertilization resulted in greater stem density, stem heights, and AGB at both FC edge and 

interior, as expected in a marsh with N limitation of plant growth; however, stem density 

and AGB were not affected by fertilization at TBC. Although several studies have shown 

that salt marsh S. alterniflora AGB growth increases with fertilization (Mendelssohn, 

1979; Darby & Turner, 2008; McFarlin et al., 2008; Anisfield & Hill, 2012; Morris et al., 

2013b; Valiela, 2015), the lack of response to fertilization at TBC and the presence of 

excess pore water N suggests that the growth of S. alterniflora at TBC is not limited by N 

availability but by the rate of N uptake. Currently, a small minority of other studies have 

observed a lack of response of AGB to fertilization at specific sites (Davis et al., 2017; 

Johnson et al., 2016). On the FC edge, we expected that creek proximity and rapid 

flushing would cause much of the fertilizer to be exported into the creek; however, AGB 

on the edge demonstrated the greatest response to fertilizer of all three locations. Because 

sediment deposition has been observed to increase with AGB (Morris et al., 2002), pore 

water chemistry, by modulating the response of AGB to fertilization, may also control the 

response of sediment accretion rates to fertilization.  

BGB showed varying responses to fertilization across the three locations. On the 

FC edge, BGB was much lower than in the other sites at the end of growing season, and 

did not respond to fertilization, but at both interior sites BGB decreased with fertilization. 

Fertilizing interior marsh sites caused S. alterniflora to shift the partitioning of fixed C 

from below-ground to above-ground growth, which may decrease the rate of below-
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ground expansion. A previous study conducted in the FC interior using (NH4)2SO4 as 

fertilizer (Davis et al., 2017), rather than NH4NO3 as in this study, found that BGB did 

not respond to fertilization. Thus, the type of fertilizer applied may lead to different 

responses of BGB in the same location. These conflicting responses of BGB to 

fertilization across marsh locations is likely the result of site-specific factors such as pore 

water chemistry, tidal water flushing, inundation time, and elevation; however, much has 

yet to be understood about the complex interactions of BGB with fertilization and site-

specific factors. 

4.3 Vertical Carbon Fluxes 

4.3.1 Metabolic Rates  

 This study demonstrated that rates of NEE varied between autotrophy (net CO2 

uptake) and hetrotrophy (net CO2 loss to atmosphere) during  daily measures, but there 

were different  patterns in NEE variation across seasons and locations. The highly 

dynamic nature of daily NEE on the edge is the result of greater magnitudes of th CO2 

flux responses to changes in light and temperature in the extrapolation model. Although 

daily NEE was less dynamic in the interior sites on a daily basis, NEE was similar across 

the three study locations at an annual scale, nearly balanced between net CO2 emission 

and uptake (Figure 2). The highly sulfidic TBC had the lowest variability in daily NEE 

and lowest annual GPP and R fluxes. Thus, differences in the variation of daily NEE 

across locations, especially in the spring and summer, did not lead to significant 

differences in the response of the annual flux. However, the differences in daily NEE’s 

response to fertilization across locations resulted in significantly greater annual CO2 

emissions on the fertilized edge than in the interior marsh sites.  
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While both annual GPP and R varied across locations, within locations GPP and 

R in control plots were consistently similar in magnitude, resulting in a nearly balanced  

NEE. This demonstrates that R is closely coupled to the products of GPP in these salt 

marshes. Coupling of GPP and R has been observed in other ecosystems such as sea grass 

beds (Duarte et al., 2010) and forests (Fernandez-Martinez et al., 2014), and may be the 

result of increased S. alterniflora biomass stimulating plant R along with the stimulation 

of sediment microbial R by the release of O2 and labile carbon by roots (Lee et al., 1999). 

R may also be directly influenced by physical factors such as inundation, which controls 

oxygen exposure on the sediment surface.  

Although the C sequestration capabilities of salt marsh ecosystems result from 

high primary production (Drake et al., 2015; Burden et al., 2015), causing them to be 

effective sinks for “blue” carbon (McLeod et al., 2011), R and GPP were closely in 

balance in this study. Average salt marsh NEE on the Atlantic coast has recently been 

reported to uptake 19 ± 7 mol C per m2 per year (Windham-Myers et al., 2018); sites that 

were net heterotrophic were considered outliers and not included in this average. 

However, a growing number of studies have shown marshes to be net sources of CO2 

(Krauss et al., 2016; Wilson et al., 2015; Wang et al., 2017), raising questions regarding 

the origin of the OC respired. In salt marshes, OC is produced by autochthonous primary 

production but may also be delivered in allochthonous sediments. Allochthonous 

sediment OC may fuel microbial respiration, resulting in balanced NEE even when there 

is also sequestration of OC in buried plant biomass. Marshes with balanced NEE may 

continue to sequester C and maintain elevation above sea level, via accretion of sediment 

from tidal waters (Kirwan & Murray, 2007). The elevation of Freeman interior has been 
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observed to increase 0.2 to 1.2 cm year-1 (Davis et al., 2017), suggesting that sediment 

deposition drives accretion rates at Freeman Creek marsh. Another study at Freeman 

Creek (Ensign et al., 2017) determined that suspended sediment concentrations during 

tidal flooding were consistent from the creekbank to the interior marsh, and that 

resuspension of the sediment surface microlayer delivered sediment into the interior. 

Fertilization caused both annual GPP and R to increase at each site, but net CO2 

emissions increased only along at FC edge. This loss of 62 mol C per m2 per year along 

the fertilized edge is significant and could result in a decrease in overall accretion rates 

and elevation. Other salt marsh studies have similarly concluded that fertilization 

increases both GPP and R (Anisfeld & Hill, 2012; Caplan et al., 2015; Geoghegen et al., 

2018; Morris & Bradley, 1999; Wang et al., 2013; Martin et al., 2018); however, studies 

are less congruent about the effect of fertilization on NEE, showing variation between no 

detectable effect (Geoghegen et al., 2018) and increasing CO2 emission (Caplan et al., 

2015, Wang et al., 2013). A decrease in soil carbon content has been observed with 

fertilization (Morris & Bradley, 1999), but this may be a result of increased sediment 

input changing sediment composition rather than loss of carbon in sediment (Morris et al. 

2002). Site-specific responses to fertilization may explain the inconsistency across 

fertilization studies.  

While this study considered only vertical CO2 fluxes, further research is needed to 

determine the effect of fertilization on total (vertical + lateral) carbon fluxes in salt 

marshes. The impacts of fertilization on the edge were primarily negative, while the 

impacts on the interior were both positive and negative. As fertilization causes certain 

marshes to lose carbon as CO2, they may sink in elevation, which may be accompanied 
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by an increase in sediment deposition. However, while the edge is highly impacted, we 

do not necessarily predict that the edge marsh will disappear with increasing nitrogen 

availability because feedbacks between elevation and sediment deposition (Friedrichs & 

Perry, 2001) are not taken into account. 

4.3.2. Effect of inundation on NEE 

Eddy covariance towers do not detect a portion of the NEE flux during tidal 

inundation because CO2 dissolves in tidal water, equilibrates with the carbonate buffering 

system, and the produced DIC is exported laterally to the creek (Wang et al., 2017). 

Therefore, in order to properly compare extrapolated chamber data with eddy covariance 

tower data, it was necessary to correct the hourly extrapolated chamber fluxes for tidal 

inundation depth, as described above, and calcualate only the vertical CO2 flux of R, 

GPP, and NEE. When tidal inundation is said to “reduce” these fluxes in this study, this 

statement pertains only to the vertical gas exchange and does not consider lateral 

dissolved carbon fluxes.  

Great interest has recently been directed toward understanding the effect of tidal 

inundation on vertical carbon fluxes. Kathilankal et al., 2008 observed a reduction of 

mid-day NEE by a wide range (3-91%) during inundation. Moffett et al. (2010) observed 

a depth-dependent suppression of CO2 fluxes similar to the relationship found by 

Zawatski (2018) which was used to correct the fluxes in this study. A study conducted in 

a high marsh in Massachusetts (Forbrich et al., 2015) showed that inundation reduced 

annual NEE about 2-4%, but hypothesized that the effect of inundation would be greater 

in lower elevation marshes. In this study, R and GPP were reduced by up to 13% on the 

less frequently inundated edge and reduced  by 20-35% in the more frequently inundated 
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FC interior and TBC marshes. While the inundation correction did not alter the annual 

NEE calculation at FC edge, inundation did have a significant effect on NEE calculations 

in the interior marshes (Table S1). Therefore, it is critical to correct NEE for the effect of 

inundation in low-elevation marshes when extrapolating chamber measurements to 

longer timescales.  

4.3.3. Comparison of NEE measured by chambers and eddy covariance 

Numerous studies have scaled chamber flux measurements to seasonal or annual 

fluxes (Anisfield & Hill, 2012; Weston et al., 2014; Neubauer, 2013); however, the 

availability of an additional source of data to validate chamber extrapolation models is 

rare. An eddy covariance tower located at FC interior provided the opportunity to validate 

the chamber extrapolation model for hourly NEE in FC interior control plots. To our 

knowledge, only one other study (Krauss et al., 2016) has compared chamber 

measurement extrapolations with eddy covariance tower observations in salt marsh 

ecosystems. Whereas eddy covariance towers have the benefit of being a high frequency 

data source, calculating tower fluxes relies on a host of assumptions (Baldocchi et al., 

1988) not applicable to chamber measurements. Chambers may be more useful for 

measuring small-scale spatial heterogeneity and to tease apart mechanisms driving spatial 

heterogeneity of gas fluxes using experimental manipulations. Greater knowledge of 

these mechanisms may be used to improve scaling flux estimates to whole marsh 

systems. However, chamber measurements are far more labor-intensive and hence more 

infrequent than tower measurements, and are thus more difficult to extrapolate 

temporally. While comparing the two methods may improve confidence in scaling 

chamber measurements, one should not expect individual plot metabolism to precisely 
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match tower observations because the eddy covariance tower measurements reflect a 

larger spatial scale. Spatial heterogeneity at a smaller scale may cause individual plots to 

deviate from the average marsh tower footprint flux. Furthermore, the boundaries of the 

footprint integrated by the tower shift over time as wind speed and direction change 

(Baldocchi et al., 1997) and may capture the vertical CO2 flux of areas outside the area of 

interest such as parts of the adjacent high marsh, edge marsh, or creek.  

Despite these differences between chamber and tower measurements, the average 

of the three FC interior control plots reflected the tower data reasonably well overall, 

indicating that the plots were representative of the whole interior marsh, and that the 

chamber extrapolation model was suitable for calculating daily and annual CO2 flux 

values over the experimental period. Wind speed is negatively correlated with tower CO2 

flux error (Hollinger & Richardson, 2005) and, thus, nighttime, which often has lower 

wind speeds (Peltola et al. 2015), may have greater tower error. This may partially 

explain the slight decoupling of tower and chamber measurements at night and on certain 

days with lower wind speeds. However, this nighttime decoupling could also be the result 

of extrapolating R measured during the day to nighttime in the chambers, assuming no 

diel variability in S. alterniflora respiration. The tower and chamber measurements may 

have been relatively less similar during the fall as a result of different wind directions and 

speeds causing the tower to represent a different seasonal average footprint. Krauss et al. 

(2016) found that methane flux estimates were 2-4 times greater in chamber 

measurements than tower observations, and that chamber CO2 fluxes ranged from half to 

twice the magnitude as tower measurements. Wang et al. (2013b) found a 9% difference 

in chamber and tower NEE measurements made in cotton and wheat fields. A study 
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comparing chamber and tower measurements in a terrestrial fen ecosystem (Poyda et al., 

2017) found that chamber CO2 measurements tended to be slightly greater than tower 

measurements. Thus, the chamber extrapolation model is likely to be biased toward net 

CO2 emission relative to tower measurements (Figure S4).  

4.4 Drivers of Observed Spatial Patterns 

SEM analysis proved to be useful for teasing apart direct and indirect effects of 

the measured variables on NEE. Based on the SEM results, pore water H2S and 

fertilization both positively influenced pore water NH4
+ concentrations. Although H2S 

and NH4
+ covary in concentration across locations, the model suggested that H2S had a 

direct negative effect on GPP but NH4
+ had no effect. This supports the hypothesis that 

H2S is a major driver of the spatial variation in GPP and plant biomass by limiting N 

uptake, causing NH4
+ to accumulate in pore water. Fertilization had a positive influence 

on both AGB and GPP directly, but, surprisingly, AGB did not directly influence GPP or 

R. R was controlled primarily by variation in GPP rather than by direct inhibition by H2S 

or direct stimulation by fertilization. Therefore, while fertilization has been shown to 

increase the rate of denitrification (Koop-Jakobsen & Giblin, 2010), a heterotrophic 

respiratory process, the stimulation of R by fertilization is primarily indirect through the 

stimulation of plant GPP. The mechanism for the reduced response of NEE to 

fertilization in the presence of H2S is unclear.  

Fertilization likely stimulates R more than GPP in locations with low H2S because 

the increase in R is the result of both plant and microbial R stimulation. Microbial R may 

be directly stimulated by fertilization through the fueling of heterotrophic denitrification, 

but may also be indirectly stimulated by increasing oxygen and labile carbon leaking 
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from plant roots at higher rates of GPP. This increased root oxygen leakage may 

stimulate both aerobic respiration and nitrate formation through nitrification. Oxygen 

released from S. alterniflora roots has been observed to fuel coupled nitrification-

denitrification at the sediment-root interface (Reddy et al., 1989; Hinshaw et al., 2017). 

However, in the presence of high H2S, abiotic H2S oxidation (Lee et al., 1999) may 

compete for oxygen with nitrifiers and aerobic microbes, buffering the stimulation of 

sediment R by fertilization. H2S also inhibits nitrification (Joye & Holibaugh, 1995) and 

the last step of denitrification (Burgin & Hamilton, 2007).  

4.5 Implications 

About 80% of the variation in the response of NEE to fertilization was explained 

by pore water H2S concentrations, indicating that pore water H2S concentrations may be a 

useful predictor of the relative impact of nitrogen enrichment on NEE. Highly sulfidic 

marshes, which tend to be those with very low elevations and long inundation times, may 

be more resilient to the negative impacts of increasing N availability. However, highly 

sulfidic marsh locations may also be more resistant to the positive impacts of fertilization 

resulting from increased AGB and sediment deposition. Thus, both positive and negative 

effects of fertilization on salt marsh resilience may be modulated by high H2S.  While 

fertilized marshes with low H2S may lose more C through metabolic processes, this loss 

of carbon may be balanced by increased deposition of sediment material (Graham & 

Mendelsshon, 2014). 

 

 

 



51 

 

4.6 Conclusions 

• Correcting the chamber CO2 flux extrapolation model for the effects of 

tidal inundation on CO2 fluxes was critical to avoid overestimation of 

annual R, GPP, and net CO2 emission. 

• The magnitude of corrected hourly NEE from chamber measurements was 

comparable to eddy covariance tower observations at the same site. 

• Site-specific pore water H2S, NH4
+, DIC, and DOC concentrations were 

influenced by inundation time, creek proximity, and pore water residence 

time 

• Control plots with high porewater H2S exhibited decreased AGB, R, and 

GPP; however, NEE was similar and nearly balanced across all sites. 

• The response of fertilization is dependent on location-specific pore water 

H2S concentrations governed by physical characteristics.  
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Chapter 1 Supplemental Materials 

The figures and tables contained in this supplemental data section further clarify 

the location of plots pairs at each of the sites, display further details about the comparison 

between chamber CO2 extrapolation model with the eddy covariance tower data and 

impacts of inundation, and show the response of NEE to fertilization across locations on 

a daily timescale. 

 

 

Figure S1. Locations of fertilized-control plot pairs at FC and TBC. Photos courtesy of 

Google Maps. 
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Figure S2. Average daily NEE modeled for control (black) and fertilized (white) plots 

from September 2015 to September 2016 using chamber measurements at a) Freeman 

edge, b) Freeman interior, and c) Traps Bay Creek interior. Positive values represent net 

emission, while negative values represent net uptake. 

 

Figure S3: Comparison of modeled hourly chamber NEE from FC interior plots with 

hourly NEE observations by an eddy covariance tower within the FC interior. 
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Figure S4. Linear regression of chamber extrapolation model predictions vs. eddy 

covariance tower observation for corresponding hours. All seasons were pooled in this 

analysis. 

 

 

Table 2-S1. Difference between fluxes before and after they were corrected for 

inundation effects on vertical CO2 fluxes. 
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Chapter 3 

Net Ecosystem Carbon Balance in a North Carolina, USA, Salt Marsh  

Abstract 

Salt marshes have among the highest carbon (C) burial rates of any ecosystem, and often 

rely on C accumulation to gain elevation and cope with sea level rise. Net ecosystem 

carbon balance (NECB), the accumulation or loss of C resulting from vertical CO2 and 

CH4 gas fluxes, lateral C fluxes, and sediment C inputs, varies across salt marshes; thus, 

extrapolation of NECB to an entire marsh is challenging. Anthropogenic nitrogen (N) 

inputs to salt marshes impact NECB by influencing each component of NECB, but 

differences in the impacts of fertilization between edge and interior marsh must be 

considered when scaling up. NECB was estimated for the 0.5 km2 Spartina alterniflora 

marsh area of Freeman Creek, NC under control and fertilized conditions at both interior 

and edge berm sites. Annual CO2 fluxes were nearly balanced at control sites, but 

fertilization significantly increased net CO2 emissions at edge sites. Lateral C export, 

modeled using respiration rates, represented a significant C loss that increased with 

fertilization in both edge and interior marsh. Sediment C input was a significant C source 

in the interior, nearly doubling with fertilization, but represented a small source on the 

edge. When extrapolating C exchanges to the entire marsh, including edge which 

comprised 17% of the marsh area, the marsh displayed a net loss of C despite a net C 
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gain in the interior. Fertilization increased net C loss five-fold. Extrapolation of NECB to 

whole marshes requires inclusion of C fluxes for both edge and interior marsh. 

Plain Language Summary 

Salt marsh ecosystems rely on carbon accumulation to increase in elevation and survive 

sea level rise. The amount of carbon accumulated in a marsh is the net result of carbon 

dioxide emissions to the atmosphere, export of dissolved carbon to the creek, and 

accumulation of carbon in sediments deposited on the surface. Because each individual 

component varies between edge and interior marsh, it is challenging to estimate carbon 

accumulation for a whole marsh system. It is not known how increasing nitrogen 

pollution impacts carbon accumulation in the whole marsh system. To find out, we 

compared measurements of carbon accumulation in fertilized and unfertilized plots in the 

edge and interior of a salt marsh at Freeman Creek, North Carolina, US. Overall, the 

marsh gained carbon in the interior but lost carbon on the edge, leading to an overall loss 

of about 50 thousand kilograms of carbon per year across the 0.5 km2 marsh area. 

However, under fertilized conditions, Freeman Creek marsh carbon loss increased nearly 

five-fold overall as a result of the large increase in carbon loss on the edge marsh. This 

study shows that increasing nitrogen pollution in coastal waters will cause increasing net 

carbon loss in marshes. 

1 Introduction 

Salt marshes, which represent a large reservoir of carbon (C), have among the 

highest rates of C burial per unit area of any ecosystem (Duarte et al., 2005). The top 

meter of sediment in North American salt marshes has been estimated to contain 1886 ± 
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1046 Tg C and accumulates 9 ± 5 Tg C annually (Windham-Myers et al., 2018). Whereas 

these systems do not comprise a significant component of the global C budget due to 

their small and declining total area (Ouyang & Lee, 2014), they may strongly influence 

local waters through the import of particulate organic C and export of dissolved organic 

and inorganic C (DOC and DIC) (Childers et al., 2000).  

These salt marsh C reservoirs are currently threatened by accelerating sea level 

rise (SLR). If salt marshes do not accrete faster than the local rate of sea level rise, they 

will destabilize, potentially releasing buried C to the local environment. However, salt 

marshes have been found to be surprisingly resilient to SLR (Kirwan et al. 2016), which 

may enhance marsh C burial rates through increased accretion rates (Kirwan & Mudd, 

2012, Rogers et al., 2019). Carbon may accumulate through plant production and/or by 

trapping and deposition of sediment by aboveground biomass (AGB); however, C is also 

lost due to plant and microbial respiration. Salt marsh net ecosystem carbon balance 

(NECB), which results from vertical CO2 exchanges with the atmosphere, lateral 

dissolved C exchanges, and allochthonous sediment C inputs, is an estimator of total C 

accumulation or loss in the marsh. Due to the inherent challenges in estimating each of 

these fluxes, little is known about the spatial heterogeneity and drivers of salt marsh 

NECB.  

Vertical exchanges of CO2 and CH4, the most commonly measured components 

of NECB, may be measured using either static chambers or eddy covariance towers. 

Gross primary production (GPP) takes up atmospheric CO2 while respiration (R) 

performed by both plants and sediment microbial communities simultaneously releases 

CO2 to the atmosphere. The balance of these two processes, net ecosystem exchange 
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(NEE), may represent a net loss or gain of C, depending on light level, temperature, 

above-ground biomass, nutrient availability, pore water sulfide concentrations, and other 

variables that drive R and GPP. Vertical CH4 fluxes are typically small in salt marshes 

because sulfate in seawater inhibits methanogenesis (Poffenbarger et al., 2011).   

When a marsh is inundated by tidal water much of the CO2 produced by R 

dissolves as DIC, which is exported laterally along with DOC produced by GPP or 

leached from plant biomass. Lateral C fluxes are thought to be a significant term in marsh 

NECB budgets (Childers et al., 2002; Wang et al., 2016; Neubauer & Anderson, 2003). 

According to the much-debated Outwelling Hypothesis (Odum, 1980; Nixon, 1980; 

Childers et al., 2002), C exported from marshes may support secondary production in 

adjacent coastal ecosystems. Tidal wetlands have been estimated to be the source of 

about 35% of TOC in estuaries on the east coast of the US (Herrmann et al., 2015).  

Because of the organic C present in suspended sediments in tidal water, 

allochthonous C may represent a significant portion of a salt marsh’s total NECB. The 

rate of sediment C accumulation depends on the C content in suspended sediments and 

the rate of sediment deposition, which varies depending on tidal amplitude, elevation, 

inundation duration and depth, suspended sediment concentrations (Friedrichs et al., 

2001), and S. alterniflora above-ground biomass (AGB) (Morris et al., 2002). In 

locations where fertilization increases AGB and tidal water contains ample sediment 

concentrations, fertilization increases allochthonous C accumulation (Morris et al., 

2013a) and elevation (Davis et al., 2017). While both mineral and organic sediments 

accumulate in marshes, organic material is often responsible for the majority of the 

vertical accretion in marshes on the US east coast (Neubauer, 2008; Morris et al., 2016).  
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Heterogeneous physical and chemical characteristics within and across salt marsh 

sites drive spatial heterogeneity of NEE, lateral C export, and sediment C deposition and, 

therefore, will drive spatial variation of NECB. Elevation is one major characteristic that 

varies across marsh surfaces, driving variation in pore water chemistry. Typical marsh 

morphology often consists of a high berm on the edge adjacent to the tidal creek due to a 

history of high sediment deposition rates (Temmerman et al., 2003) backed by a lower 

interior marsh with elevation gradually increasing toward the upland. Rapid flushing of 

sediment with oxic creek water (Harvey et al. 1995; Gardner, 2005) causes lower 

accumulation of metabolic products such as H2S and NH4
+ in pore water on the edge than 

in the interior (Howes & Goehringer, 1994; Czapla et al., 2019). The differences in pore 

water chemistry across these marsh sub-habitats will give rise to distinct C and N cycling 

dynamics. Because, in some cases, edge area composes a significant proportion of the 

total marsh, differences in C fluxes between edge and interior marsh may be important to 

consider when scaling NECB estimates to whole marsh areas.  

Nitrogen availability, which is increasing in many salt marshes as a result of 

anthropogenic inputs (Pardo et al., 2011; Hopkinson et al., 2012), is likely to have a 

strong impact on each component of salt marsh NECB and thus NECB itself. Studies 

have shown that fertilization increases C accumulation through above-ground production 

and sediment input (Mendelssohn, 1979; Darby & Turner, 2008; McFarlin et al., 2008; 

Anisfield & Hill, 2012; Morris et al., 2013a; Valiela, 2015, Davis et al., 2017) but also 

increases C losses through net CO2 emissions (Caplan et al., 2015; Wang et al., 2013) and 

decreased below-ground production (Darby & Turner, 2008; Deegan et al., 2012; Graham 

& Mendelssohn, 2016). However, it is unknown whether increasing N has a positive or 



69 

 

negative effect on salt marsh NECB. Fertilization effects on C fluxes differ across marsh 

sites due to location-specific physical and chemical characteristics (Czapla et al., 2019), 

and this heterogeneity in responses to fertilization may complicate the relationship 

between salt marsh N availability and NECB. While several studies have reported an 

increase in AGB and net CO2 emissions with fertilization, other studies have reported no 

effect on AGB (Davis et al., 2017; Johnson et al., 2016) and NEE (Geoghegan et al., 

2018) at certain sites. Below-ground biomass (BGB) has been reported to either increase 

(Morris et al., 2013b; Wigand et al., 2014), decrease (Darby & Turner, 2008; Deegan et 

al., 2012; Graham & Mendelssohn, 2016), or remain the same (Davis et al. 2017) in 

response to fertilization. A recent study (Czapla et al. 2019) concluded that effects of 

fertilization on NEE and biomass diminished with greater pore water H2S concentrations; 

thus, the greatest fertilization responses were near the marsh creek bank where H2S 

concentrations were lowest. The response of sediment deposition to fertilization has been 

observed to vary across studies depending on suspended sediment concentrations and the 

response of AGB to fertilization (Morris et al., 2013a).  

 The objectives of this study were to: 1) determine per m2 differences in NEE, 

lateral C export, sediment C input, and NECB between edge marsh and interior marsh for 

both natural and fertilized conditions, and 2) determine the effect of fertilization on 

lateral C export, sediment C input, and NECB for the total marsh area, taking differences 

in edge and interior into account. Edge marsh was expected to have higher net CO2 

emissions, lower lateral C export and sediment C deposition rates, and overall greater C 

losses than the interior marsh on an annual basis. We further hypothesized that 

fertilization would result in greater vertical CO2 emissions, lateral C flux, sediment C 
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deposition, and overall C loss, but the effect of fertilization on edge NECB would be 

greater than in the interior. We expected that accounting for differences in edge vs. 

interior C fluxes would significantly impact rates scaled to the whole marsh area. To our 

knowledge, this study is the first mass balance calculation of salt marsh NECB on an 

annual time scale. 

2 Materials and Methods 

2.1. Experimental Site 

 Freeman Creek (FC) is a small tidal creek along the Intracoastal Waterway on 

Marine Corps Base Camp Lejeune, NC (Figure 1, 34° 35' 52.8'' N, 77° 19' 37.2'' W). It 

has a typical salinity range of 30-35, annual average tidal amplitude of 0.83 m, and 0.50 

km2 of S. alterniflora-dominated marshes. This study compared sites at FC marsh in the 

interior and along the creek edge. Interior plots were approximately 70-100 m from the 

creek edge and were within 0 to 0.1 m above sea level, whereas the edge plots were 

located on the top of a berm within 5 m of the creek and 0.2 to 0.3 m above sea level.  
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Figure 1. Maps of Freeman Creek Spartina alterniflora area (34° 35' 52.8'' N, 77° 19' 

37.2'' W) showing a) edge (red) and interior (green) areas of S. alterniflora marsh and 

stars indicating the location of edge and interior plots, and b) elevations binned by 0.1 m 

categories. Blue represents creek area. Analysis performed in ArcGIS. 

 

2.2. Experimental Design 

Three replicate control-fertilized plot pairs were established on both the edge and 

interior of Freeman Creek, maintaining at least 1 m between pairs. Aluminum collars (0.9 

m x 0.9 m) with drainage holes were permanently installed in each plot at the beginning 

of the experiment as a base to set chambers on. A solid mixture of NH4NO3 and P2O5 (30 

mol N yr-1 and 15 mol P yr-1) was broadcast seasonally on plots randomly chosen within 

each pair for fertilization. This fertilization rate was selected because it has been used in 

a) b) 

Edge plots 

Interior 

plots 
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several previous studies (Valiela, 2015; Davis et al., 2017; Morris et al., 2002). 

Fertilization was performed in Spring 2015, Summer 2015, and subsequently once per 

season from Fall 2015 to Summer 2016, and seasonal CO2 and CH4 flux measurements of 

took place approximately one month after each fertilization. 

 

2.3. Spatial analysis 

 ArcGIS was used to quantify the total area of S. alterniflora marsh classified as 

“edge” vs. “interior.” Edge marsh was defined as the marsh area within 5 m of the creek, 

so that much of the edge included the high-elevation berm area, which was approximately 

5 m wide. The S. alterniflora area was broken down into elevation categories for every 

0.1 m elevation change, and the total area of each elevation category was quantified for 

edge and interior separately. Elevation raster data was derived from 2013 Marine Corps 

Base Camp Lejeune Lidar data. The resulting areas were used to spatially extrapolate 

edge and interior NEE and lateral C export to their respective elevations.  

 

2.4. Vertical C Flux  

NEE was modeled throughout the year based on chamber measurements of CO2 

fluxes, PAR, and temperature, and corrected for the effects of tidal inundation depth 

relative to stem height as detailed in Czapla et al (2019). CH4 fluxes were measured with 

a Los Gatos Greenhouse Gas Analyzer simultaneously with CO2 fluxes. To account for 

varying elevations across the marsh, the % of S. alterniflora stem height inundated per 

hour was estimated based on water depth at the midpoint of each elevation category. The 

resulting annual flux for each elevation category was multiplied by the total area of edge 
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or interior in each respective elevation category, and were summed to extrapolate to the 

entire marsh area.  

 

2.5. Lateral C Flux 

2.5.1. Groundwater flux 

 Three 50 cm deep piezometers were installed on the edge of Freeman Creek 

marsh and sampled seasonally for groundwater DOC and DIC analyses. Piezometers 

were flushed with N2 gas prior to sampling to remove reactive gases, and pumped to flush 

out stagnant pore water. DOC samples were filtered in the field into scintillation vials 

(combusted prior to sampling at 500 oC for 5 hours) with 0.45 µm polyethylsulfone 

syringe filters, stored frozen, and analyzed on a Shimadzu TOC-V analyzer. DIC samples 

were collected without filtering in 8 mL hungate tubes spiked with 8 µL of saturated 

HgCl2 solution and analyzed within 30 days of collection with a Li-Cor 6252 infrared 

CO2 analyzer by injecting 100 µL of sample into 0.05 M H2SO4 sparged with N2 gas as 

described in Neubauer and Anderson (2003). 

 Annual groundwater drainage volume per meter of creekbank length was 

calculated at FC by Lettrich (2011) using the Darcy method. Annual average 

concentrations of pore water DOC and DIC were multiplied by the pore water drainage 

volume per m creekbank per year and the total length of creekbank at FC to calculate 

lateral groundwater DIC and DOC flux. 
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2.5.2. Tidal lateral flux 

 Respiration measured as CO2 emissions in dark chambers was used as a proxy for 

DIC export. It was assumed that the same rate of respiration occurs during inundated and 

non-inundated periods but the product of R is DIC rather than CO2 gas during inundation. 

Therefore, the amount of DIC produced by R during inundation was calculated as the 

difference between the modeled CO2 fluxes before and after inundation correction.  

To test the validity of deriving lateral DIC fluxes from respiration rates as 

described above, the respiration-derived DIC fluxes were compared to the DIC fluxes 

estimated based on DIC concentrations in water overlying the marsh for two individual 

tidal cycles during different seasons. For each tidal cycle, two replicate DIC and DOC 

samples were taken from the surface tidal creek water shortly before the marsh was 

inundated, and five samples were taken from the water overlying the marsh at different 

locations during slack flood. Samples were taken and analyzed in the same manner as 

previously described for the groundwater lateral flux. The lateral DIC flux for a single 

tidal cycle was calculated as: 

Measured DIC lateral flux = (DICmarsh – DICcreek) * Vmarsh 

Where DICmarsh is the concentration of DIC in water overlying the marsh 

 DICcreek is the concentration of DIC in the creek 

Vmarsh is the volume of water overlying the marsh, based on average 

elevation, water height, and total area of marsh 
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Lateral DOC fluxes were calculated in the same way based on the concentration of DOC 

in samples. The average ratio of these DIC and DOC calculations were used to calculate 

the annual DOC lateral flux from the modeled DIC lateral flux as follows: 

Annual DOC lateral flux = modeled DIC lateral flux * (average measured 

DOC:DIC lateral flux) 

2.6. Sediment C Import   

 Sediment deposition was measured on the marsh surface using marker horizons 

established in three control and two fertilized plots in FC interior. The sediment accretion 

depth above the marker horizon was measured every three months, and a fresh marker 

horizon was laid down after each measurement. Percent C content by mass (%C) and 

bulk density measured seasonally in the top 2 cm of FC interior marsh sediment were 

used to calculate C content in accreted sediment. %C was measured on a Flash EA1112 

elemental analyzer. 2.2 cm diameter cores were dried in a 60 oC oven for two weeks and 

weighed to calculate bulk density. C input along the FC edge was predicted from FC 

interior marker horizon-measured rates by assuming a linear relationship between flood 

duration and log sediment deposition, which has been observed widely across salt 

marshes (Durke & Megonigal, 2003; Cahoon & Reed, 1995; Friedrichs & Perry, 2001).  

2.7. Statistics 

 A three-way ANOVA with factors of season, treatment, and location was 

performed in R (R Core Team, 2014) to determine statistical differences in plot-level 

methane fluxes. Mixed-effect models with treatment and location as fixed effects and plot 

pair as a random effect were performed with the lme4 package (Bates et al., 2014) in R to 

assess significant differences in fluxes per m2. Fluxes spatially extrapolated to the entire 
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marsh were tested for differences between fertilized and control treatments using a paired 

t-test. 

3 Results 

3.1. Freeman Creek spatial analysis 

 ArcGIS analysis of Freeman Creek salt marshes revealed that of the 0.50 km2 

total Spartina alterniflora area, 0.09 km2 or 17% of the area was within 5 m of the tidal 

creek and thus defined as “edge” area. Binning elevations into categories of 0.1 m ranges 

(Table 3-1) revealed that 75% of the total area was within -0.2 and 0.2 m above sea level 

(NADV88); however, the edge area skewed toward greater elevations, with greatest edge 

area within 0.1-0.2 and 0.2-0.3 m elevation categories. 

Table 3-1. Area of Freeman S. alterniflora marsh in each 0.1 m elevation category 

Elevation (m) Total Area (m2) Edge Area (m2) Interior Area (m2) 

-0.3 to -0.2 41656 8702 32954 

-0.2 to -0.1 81036 9010 72026 

-0.1 to 0 97442 11186 86256 

0 to 0.1 93726 14268 79459 

0.1 to 0.2 101441 17034 84407 

0.2 to 0.3 66479 17503 48976 

0.3 to 0.4 18193 9739 8454 

Total: 499974 87443 412532 
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3.2. Vertical C Fluxes 

3.2.1. Vertical CO2 Flux 

 NEE at control sites was in close balance at both the edge and interior; however, 

fertilization resulted in net CO2 emissions at both sites. NEE was significantly greater in 

fertilized than control plots at the edge (p = 7.5 x 10-5) but no significant different was 

observed in the interior (Figure 2). Once fluxes were extrapolated to the total edge and 

interior areas at Freeman Creek, the total marsh area emitted 3.7 x 102 kg CO2 per year 

under control conditions whereas the marsh emitted 1.5 x 105 kg CO2 per year under 

fertilized conditions. NEE extrapolated to the total Freeman marsh was significantly 

higher for fertilized marsh (p = 0.023). If the greater NEE rates along the fertilized edge 

had been ignored for spatial extrapolation, the NEE of the total fertilized marsh area 

would have been underestimated by 38%. 

 

Figure 2. Total annual vertical CO2 flux from edge and interior Freeman marsh areas. 

Error bars represent standard error of the mean of the three triplicate plots 
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3.2.2. Vertical CH4 Flux 

 CH4 fluxes (Figure 3) ranged between 0 and 6 mg CH4 m
-2 hr-1, more than three 

orders of magnitude lower than daily CO2 respiration rates. A three-way ANOVA 

indicated that CH4 fluxes were not statistically different across locations and treatments, 

but winter CH4 fluxes were significantly lower than fall (p = 1.27e-5), spring (p = 3.9e-5), 

and summer (p = 7e-7) fluxes. Because the magnitude of CH4 fluxes were negligible 

compared to CO2 for a marsh carbon budget, CH4 was not temporally or spatially 

extrapolated for the annual NECB calculation. 

 

Figure 3. Hourly methane fluxes measured by chambers in Freeman Creek plots. Error 

bars represent standard error of the mean of the three triplicate plots 

 

3.3. Lateral DIC/DOC Flux 

For the entire marsh area, the modeled lateral DIC flux varied widely per tidal 

cycle, ranging from 0 to 2000 kg per tidal cycle (Figure 4). Lateral DIC export from 

fertilized marsh was consistently greater than export from unfertilized sites for the same 
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tidal cycles. The greatest fluxes corresponded with long inundation periods and high 

water levels in the fall, but the lowest fluxes occurred during the winter. According to 

mixed effect model analysis, the annual tidal lateral DIC and DOC fluxes estimated from 

modeled CO2 fluxes (Figure 5) were significantly greater on the edge than the interior (p 

= 0.02), but significantly greater with fertilization in both locations (p = 2.2 x 10-16). The 

annual tidal lateral DIC and DOC fluxes for the total marsh area were 1.26 x 105 kg for 

the control treatment and 2.73 x 105 kg per year for the fertilized treatment. Control and 

fertilized lateral C fluxes were significantly different (p = 0.007). Ignoring greater lateral 

fluxes from edge marsh would result in a 10% underestimation of the lateral tidal flux 

from the total marsh area. The groundwater lateral DIC flux was 42.6 g per m2 per year, 

two orders of magnitude lower than the tidal lateral flux. The groundwater lateral DOC 

flux was 2.52 g per m2 per year, an order of magnitude lower than the lateral DIC flux in 

tidal water. 

DIC export modeled using CO2 respiration rates were similar to those based on 

concentrations of DIC measured during slack flood during two different seasons (Table 

3-2). While the DIC export during summer was more than three times greater than the 

DIC export during spring for both modeled and measured methods, the modeled export 

was consistently about 60% of the measured export. There was no statistical difference 

between measured and modeled lateral DIC export for both April (p = 0.26) and August 

(p = 0.07) tidal cycles. The measured DOC export was on average 78% of the measured 

DIC export per tidal cycle. 
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Table 3-2. Comparison of lateral DIC flux (g m-2 tidal cycle-1) measured directly vs. 

predicted by R and tidal water depth. Standard errors in parentheses. 

Date Measured Export R-Predicted Export DIC R-Predicted : measured (%) 

4/16/2016 0.34 (0.08) 0.21 (0.01) 60.43 

8/26/2016 1.07 (0.06) 0.62 (0.24) 58.36 

 

 

 

 

Figure 4. Lateral DIC export per tidal cycle modeled from chamber-measured respiration 

rates extrapolated to the total marsh area. Error bars represent standard error of the mean 

of the three triplicate plots. 
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Figure 5. Lateral DIC and DOC export from Freeman Creek (predicted from chamber-

measured R and tidal water depth). Error bars represent standard error of the mean of the 

three triplicate plots. 

 

3.4. Sediment carbon deposition 

 Marker horizons in Freeman interior accreted 3.7 (±0.4) and 7.8 (±3.3) cm 

sediment annually for control and fertilized treatments, respectively. Average values of 

0.289 and 0.274 g cm3 bulk density for control and fertilized treatments, and an average 

of 4.5% C by mass in surface sediment was used for all locations and treatments. The 

interior was estimated to have accumulated 507.2 and 1016 g C per m2 per year under 

control and fertilized conditions, respectively. Accumulation of C through sediment 

deposition (Figure 6) was an order of magnitude lower on the edge than in the interior. 



82 

 

The calculation based on a linear relationship between log sediment deposition and 

inundation time yielded a sediment deposition rate of 59.0 g C per m2 per year at control 

sites and 93.2 g C per m2 per year at fertilized sites. Fertilization doubled sediment C 

deposition in the interior. Once extrapolated to the entire marsh area, Freeman marsh 

accumulated 2.14 x 105 kg sediment C per year in control conditions but 4.27 x 105 kg 

sediment C per year under fertilized conditions. When the interior flux rates were applied 

to the entire marsh area, the resulting sediment C deposition was overestimated by about 

20% for both natural and fertilized treatments. 

 

 

Figure 6. Sediment C import as measured by feldspar marker horizons in the interior and 

modeled on the edge. Error bars represent standard error of the mean of the three 

triplicate plots. 
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2.4. Net Ecosystem Carbon Balance (NECB) 

 Based on the mass balance of each of the fluxes considered in this study, the 

marsh lost 520.5 g C per m2 on the edge but gained 83.5 g C per m2 in the interior (Figure 

7). Fertilization increased C loss on the edge about threefold (p = 0.0022), but did not 

affect the NECB in the interior (p = 0.61). Edge and interior NECB were significantly 

different for both control (p = 0.027) and fertilized (p < 0.0001) conditions. After scaling 

up to the entire marsh area (Figure 8), Freeman Creek marsh was estimated to lose 5.3 x 

104 kg C per year under control conditions but 2.52 x 105 kg C per year under fertilized 

conditions. However, if edge fluxes were ignored, total marsh area NECB would show a 

net C gain of 4.14 x 104 kg C per year instead of net loss under natural conditions and 

would decrease the estimated C loss from 2.52 x 105 to 8.65 x 104 kg C per year under 

fertilized conditions (Table 3-3). A paired t test indicated that total marsh NECB was 

significantly different between control and fertilized treatments (p = 0.003).  
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Figure 7. Net Ecosystem Carbon Balance (NECB) per m2 at Freeman Creek marsh based 

on mass balance. Positive values are fluxes out of the marsh, while negative values are 

fluxes into the marsh. Error bars represent standard error of the mean of the three 

triplicate plots.  
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Figure 8. Mass balance of fluxes and total NECB for a) control and b) fertilized 

treatments at Freeman Creek. Negative NECB indicates marsh C uptake and positive 

NECB net C loss. Standard errors in parentheses. 
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Table 3-3. Comparison of Freeman fluxes for total area (103 kg year-1) with and without 

inclusion of edge and interior fluxes. Standard error is in parentheses. Positive fluxes 

represent marsh C loss to the environment but negative values represent marsh C uptake.  

 

Edge + Interior Fluxes               Interior Fluxes Only 

 

Control Fertilized Control Fertilized 

NEE 0.4 (40.6) 150.1 (67.4) 9.2 (20.2) 108.2 (25.4) 

Lateral DIC 126.0 (6.4) 272.8 (12.5) 113.4 (4.9) 272.2 (1.5) 

Lateral DOC 99.0 (5.0) 214.5 (9.9) 89.1 (3.9) 214.0 (7.0) 

Lateral dissolved C 225.0 (11.4) 487.3 (22.4) 202.6 (8.8) 486.3 (15.9) 

Sediment C -214.4 (19.9) -427.3 (174.5) -253.6 (23.9) -508.1 (211.5) 

NECB 53.0 (42.0) 252.0 (78.7) -41.7 (42.8) 86.5 (68.6) 

5 Discussion 

We observed a clear difference in NECB between edge and interior marsh and 

confirmed that spatial heterogeneity of NECB must be considered for accurate 

extrapolation to whole marsh systems. Edge NECB significantly impacted the C budget 

of the whole Freeman Creek marsh, driving overall net C losses of 53.0 x 103 kg C y-1 

despite a significant net C uptake of 41.7 x 103  kg C y-1 using interior rates (83.5 g C m-2 

y-1) extrapolated to the whole marsh. Most estimates of C accumulation do not make a 

distinction between edge and interior accumulation rates and, thus, may overestimate C 

accumulation for the whole marsh. The net loss of C from the edge is the result of low 

sediment C input and high metabolic rates (Czapla et al., 2019). GPP and R, although 

nearly balanced at both interior and edge sites, are 2-fold higher at the edge (Czapla et al., 
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2019), resulting in higher calculated lateral C export, which was estimated based on 

measured R.  

Fertilization had little effect on interior NECB but greatly increased net loss of C 

from the edge. In the fertilized interior marsh, C lost through vertical emissions and 

lateral C flux was offset by the increase in allochthonous sediment C deposition. 

Similarly, Graham and Mendelsshon (2014) found that higher allochthonous sediment C 

inputs due to fertilization balanced out greater losses due to vertical C emissions.  

However, on the fertilized edge sediment C input was insufficient to offset C losses due 

to vertical emissions and lateral export. Thus, if this same study were conducted only in 

marsh interior sites, the negative impact of fertilization on Freeman Creek marsh C 

accumulation would have been greatly underestimated.  

A thorough discussion of Freeman Creek vertical C fluxes and their responses to 

fertilization at these sites were discussed in further detail in the companion paper to this 

work (Czapla et al. 2019). 

 

5.1. Lateral C Export 

 Lateral C export was the most important NECB component for C loss. 

Groundwater lateral DIC and DOC fluxes were both an order of magnitude lower than 

the tidal lateral fluxes under control conditions and, thus, less important to overall lateral 

C export. While we did not include a fertilized treatment for groundwater lateral export, 

fertilization at the marsh surface is unlikely to impact groundwater at 50 cm depth. 

Although the concentrations of DIC were greater in groundwater than in tidal water, the 
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much more rapid rate of tidal water exchange compared to groundwater drainage caused 

a greater tidal C export rate relative to groundwater C export. 

Previous studies have observed high variability of tidal C export on short time 

scales, highlighting the importance of high frequency measurements of DIC (Wang et al., 

2016, Chu et al., 2018). Our novel approach for modelling lateral export fluxes was 

developed to account for variations in water depth, stem height, and respiration rates. 

This method allowed us to predict the effect of fertilization on lateral export without the 

need to fertilize an entire marsh area, and may be useful for quickly assessing lateral C 

export for marshes when direct measurements are not feasible. Recent lateral C flux 

studies relied on high-frequency measurements of DIC in a marsh drainage channel 

(Wang et al., 2016), but these measurements were limited to marsh areas with simple 

single-channel drainage hydrology and may miss higher DIC concentrations produced on 

the edges of the marsh by high rates of R and GPP.  

However, our modelling approach to assessing lateral C export is subject to 

uncertainties from a variety of sources. Although the R-predicted lateral DIC fluxes were 

consistently about 60% of the directly measured fluxes during two tidal cycles, the lack 

of statistical difference between R-predicted and measured lateral fluxes suggests that 

this method is reasonable for lateral export estimation, and that the rate of respiration 

may be assumed to remain unchanged with tidal inundation. While other studies have 

concluded that tidal inundation inhibits R (Chambers et al., 2012; Heinsch et al., 2004; 

Guo et al., 2009), these studies were based only on measurements of gaseous CO2 fluxes 

without considering DIC production. One study that examined the production of both 

CO2 and DIC in pore water (Tong et al., 2014) concluded that salt marsh R was not 
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significantly different whether the marsh was inundated or not. More rigorous testing of 

the effects of inundation on total R (DIC + CO2 flux) may improve the modelling of 

lateral C export. This method’s accuracy is also dependent on the ratio of DIC to DOC 

export, measured only during two seasons at slack flood tide and which may shift 

seasonally. It also relies on the accuracy of temporal extrapolations of NEE, which was 

measured once per season and is likely to have greater error during seasonal transitions. 

Despite these potential sources of error, the resulting annual flux per m2 was 

comparable to that of other studies. Previous studies have reported an average of 421 ± 

250 g C per m2 per year exported laterally on the Atlantic coast (Windham-Myers et al., 

2018). DIC comprised 236 ± 120 g C and TOC 185 ± 71 g C per m2 per year of this 

average (Najjar et al., 2018; Herrmann et al. 2015), indicating similar magnitudes for 

DIC and TOC fluxes. The majority of TOC export was in the form of DOC because 

marshes typically import particulate organic carbon (POC). The area-normalized R-

predicted lateral fluxes at Freeman Creek correspond remarkably well to these averages 

with 227 g DIC and 178 g DOC per m2 per year. Fertilizer increased lateral DIC and 

DOC export by increasing metabolic rates, implying that increasing anthropogenic N 

inputs to salt marsh systems will increase the lateral export of C to adjacent waters.  

 

5.2. Sediment Carbon Deposition  

We chose to use marker horizons as the most appropriate way to directly measure 

short-term sediment deposition. Using other methods for accretion measurement such as 

210Pb, 14C, 137Cs, or Sedimentation-Erosion Tables (SETs) account for C accumulation at 

longer time scales and may include a significant portion of below-ground expansion from 
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autochthonous C sources. However, marker horizons may still be problematic for 

quantifying sediment C input and NECB because root growth at the surface may cause 

some double-counting of C from GPP, and the degradation of some of this deposited 

sediment via respiration may cause an underestimate of sediment C input. This study 

minimized these issues by establishing fresh marker horizons seasonally. Christiansen et 

al. (2000) found no evidence for significant resuspension of marsh sediments once 

deposited on the surface. The C accumulated through sediment deposition may be used as 

substrate for microbial respiration, causing the sediment organic C to be lost as CO2 or 

DIC and supporting net heterotrophy. However, R is tightly correlated with GPP at 

Freeman Creek marsh (Czapla et al. 2019), suggesting that most of the organic C respired 

is derived from plant production and photosynthate, or leached C from above and 

belowground biomass. Other sources of C for microbial respiration include that from 

decomposition of plant detritus (Weston et al., 2014; Neubauer et al., 2000), sediment 

organic C, or priming of legacy organic C (Bernal et al., 2017).  

Sediment deposition rates for any marsh location are driven by factors such as 

elevation, inundation time, suspended sediment concentrations in tidal water, and above-

ground biomass (Friedrichs & Perry, 2001). Freeman Creek did not demonstrate a clear 

gradient of decreasing suspended sediment concentrations with distance into the marsh 

(Ensign & Currin, 2017) as has been observed in other marshes (Christiansen et al., 2000; 

Reed et al., 1999); therefore, one sediment deposition rate was applied for the whole 

interior marsh based on marker horizon measurements near the average interior marsh 

elevation. Cahoon and Reed (1995) established a relationship between length of 

inundation time and sediment deposition. Since there were no marker horizons along the 
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edge berm, we estimated sediment input to the whole edge assuming a linear relationship 

between inundation time and log sediment deposition. Extrapolations for sediment input 

in other marsh interiors may require a correction for distance from the creek.  

Edge marsh had much lower sediment deposition rates than the interior resulting 

from greater elevations and lower inundation times. Fertilization increased sediment 

deposition in the interior due to higher above-ground biomass (Czapla et al., 2019). 

Although above-ground biomass increased on the edge with fertilization, sediment 

deposition did not increase substantially because of the short inundation time. The large 

differences between edge and interior rates of sediment deposition and responses to 

fertilization are very important to consider when extrapolating per m2 measurements to 

the entire marsh. Using only rates measured in the interior marsh will lead to systematic 

overestimation of sediment C input in marshes with a high edge berm. Other marshes 

with decreasing suspended sediment concentrations with distance into the marsh may not 

have as great a difference between edge and interior. 

 

5.3. Net Ecosystem Carbon Balance (NECB) 

The fluxes contributing to NECB varied in relative importance across sites and 

treatments. Lateral C export may be the most uncertain of the components of NECB as 

previously discussed. Vertical C fluxes were the smallest component of NECB because R 

and GPP were closely balanced; lateral C fluxes and sediment C import were the major 

drivers of NECB. NEE demonstrated a small gain or loss under control conditions that 

shifted to a net C loss with fertilization. Sediment input represented the greatest gain of C 

in the interior, balancing the loss through NEE and lateral C export to result in a net gain 
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of C overall. Thus, Freeman Creek is a case study that confirms that maintaining 

suspended sediment concentrations in tidal water is vital to marsh C accumulation and 

survival. 

One might expect NECB estimated by mass balance to be similar to directly 

measured C accumulation rates (CAR). The CAR measured in 59 Atlantic coast salt 

marsh sites averaged 126 ± 87 g C per m2 per year (Ouyang & Lee, 2014), similar in 

magnitude to the 83.5 g C per m2 per year NECB estimated in Freeman Creek interior 

control plots. Traps Bay, a marsh within the New River Estuary several miles from 

Freeman Creek, was found to have a CAR rate of 167 g C m-2 yr-1 over a four-year time 

scale (McTigue et al., 2019). However, CAR is typically calculated as the surface 

accretion rate multiplied by the surface C content (Connor et al., 2001; Ford et al. 2012); 

therefore, it does not account for the carbon accumulated or lost below the surface or in 

biomass through NEE and lateral C export. Thus, CAR is not by definition equivalent to 

total NECB. CAR measured over short-term time scales likely overestimates C 

accumulation because it does not factor in degradation processes; CAR estimates tend to 

decrease as the time scale increases (McTigue et al., 2019). Accretion rates used to 

calculate CAR are measured in a variety of ways, including marker horizons, 210Pb, 14C, 

and 137Cs, each of which represents a different time scale (Choi & Wang, 2004) and may 

not incorporate all autochthonous C accumulation deep in the rhizosphere. Because CAR 

only considers C accumulation via accretion, it cannot be used to detect net loss of C in 

locations with low accretion rates such as the edge. Inherent error associated with mass 

balance calculations and estimating CAR at longer time scales may also contribute to 

differences in these estimates. 
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It was unexpected that NECB on the edge and for the total marsh area under 

control conditions would demonstrate a net loss of C. Although the NECB at an annual 

scale may currently show a net C loss, this does not imply that the entire marsh will 

destabilize; the loss occurred only on the edges while the interior continued to gain C. 

Perhaps as edge berms are built up over long time scales, they may reach an elevation at 

which point they shift from net C gain to loss as a result of decreasing sediment 

deposition. Because C loss on the edge may result in gradually decreasing elevation and 

gradually increasing sediment deposition rates, the berm could fluctuate between net C 

gains and losses on annual time scales near an equilibrium elevation. However, other 

studies have shown that fertilization causes marsh loss through elevation loss (Turner et 

al., 2009), and destabilization and collapse into the tidal creek (Deegan et al., 2012). At 

longer time scales, lateral marsh migration through edge erosion and upland transgression 

may dictate future marsh area (Kirwan et al., 2016). 

The impact net C loss has on the edge berm may depend on the source of C lost, 

which remains unknown. C contributing to lateral C export and net CO2 emission may be 

composed of a combination of sources such as plant leachates, remineralized sediment C, 

and below-ground biomass, which turns over on the order of every three years 

(Schubauer & Hopkinson, 1984). To explain how FC marsh edge continues to persist at a 

high elevation with annual net loss of C, allochthonous or legacy organic C must be used 

as a substrate for respiration. About 40% of the C fixed by GPP has been estimated to be 

respired by the S. alterniflora plant (Dai et al., 1996), and the remainder of the fixed 

carbon builds and maintains biomass, leaches from plant roots and leaves, and contributes 

to lateral C export. A better understanding of what controls organic matter decomposition 
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in sediments is critical to produce realistic mass balances for salt marshes (Spivak et al., 

2019; Mueller et al., 2016).  

Other C budget studies have been applied to a broader scale, averaging C fluxes 

from different marshes in a limited number of studies and multiplying by the total area to 

extrapolate C accumulation to global salt marsh area (Chmura et al., 2003; Ouyang & 

Lee, 2014) or lateral C export to the salt marshes of the US east coast (Herrmann et al., 

2015; Najjar et al., 2018). However, this study demonstrates the challenges of scaling 

from per m2 measurements to whole marsh estimates, which likely also applies to broader 

scale extrapolations. Since ignoring edge differences for marshes even with a low 

proportion of edge area resulted in significantly different estimates of NECB, edge and 

interior marsh should be assessed as distinct areas to improve future extrapolations. 

While edge vs. interior likely exemplifies the most extreme contrast between marsh 

NECB estimates, estimates can be further improved by increasing the resolution of 

location-specific NECB based on physical or chemical parameters across a marsh.  

 

5.4. Conclusions 

• Lateral C export may be predicted using respiration rates, stem heights, and water 

level data 

• Under natural conditions, lateral C export and net C loss were greater on the edge 

than the interior, but sediment C input was greater in the interior 

• Responses of NEE and NECB to fertilization were greater on the edge than the 

interior 
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• Fertilization increased net CO2 emission, lateral C export, sediment C input, and 

net C loss for the marsh overall 

• Accounting for differences in marsh edge vs. interior fluxes is crucial for accurate 

spatial extrapolations, even for marshes with a low proportion of edge area 
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Chapter 4 

 

Impacts of fertilization on N cycling rates: Role of pore water chemistry 

 

Abstract 

Salt marshes remove nitrogen (N) from tidal water via microbial denitrification 

(DNF). Alternatively, N may be retained in marsh sediments through the process of 

dissimilatory nitrate reduction to ammonium (DNRA). Because nitrate (NO3
-) often 

limits DNF rates in salt marshes, the rate of N removal may be governed by the rate of 

NO3
- supply through nitrification and tidal exchange and the relative partitioning of NO3

- 

to DNF or DNRA. Both DNF and nitrification are inhibited by H2S; however, DNRA 

may be favored in high H2S and DOC:NO3
- environments. Therefore, spatially 

heterogeneous pore water chemistry in salt marshes may drive location-specific rates of 

DNF and DNRA, and increased N availability in anthropogenically impacted salt marsh 

locations may shift the DOC:NO3
- ratio to favor DNF over DNRA. Marsh edges, which 

have low pore water H2S and DOC concentrations, may be hotspots for N removal 

relative to more sulfidic interior marsh locations. To determine drivers of variation in 

DNF and DNRA rates across marsh locations, we compared N cycling marker gene 

abundances and rates of DNF and DNRA in control and fertilized plots across three 

locations with various pore water H2S, NH4
+, and DOC concentrations. We found that 

nitrification, DNF, and DNRA marker gene abundances were greater in locations with 

lower H2S. DNRA strongly dominated NO3
- reduction over DNF during summer, but 

DNF was the dominant pathway during other seasons. Whereas DNF rates were greater 

in locations with lower H2S, DNRA rates were variable across all locations but had 

greater range in locations with high H2S. Fertilization stimulated DNF at all three 
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locations, but had different effects on DNRA depending on location. Structural equation 

modelling suggested that DNF was directly driven by fertilization, sulfide, bacterial 

amoA, and temperature, but DNRA was primarily driven by temperature.  

1 Introduction 

 Salt marshes have among the highest rates of nitrogen (N) removal of any coastal 

ecosystem (Piehler & Smyth, 2011), and in some locations may remove a significant 

percentage of N from adjacent waters (Sousa et al., 2008; Velinsky et al., 2017). N 

removal by salt marshes has significant economic value, estimated at $2500 per m2 per 

year (Piehler & Smith, 2011). Anthropogenic nitrogen loading is increasing in salt marsh 

systems (Pardo et al., 2011; Hopkinson et al., 2012), and may impact the microbial 

processes responsible for removing N. Increased N may also impact salt marsh N 

removal services by causing loss of the marsh itself through destabilization and net 

carbon (C) loss (Turner et al., 2009; Deegan et al., 2012). 

N removal from salt marsh sediments is dependent on microbially mediated N 

cycling processes. NO3
- may be introduced to salt marsh sediments through tidal water, 

transport from the watershed, application of fertilizer, or nitrification, which transforms 

NH4
+ to NO3

-. Nitrification, an obligately aerobic chemolithotrophic process performed 

by amoA gene-carrying ammonia oxidizing bacteria (AOB) and archaea (AOA) (Moin et 

al. 2009), may be the most important source of NO3
- in salt marsh sediments (Koop-

Jakobsen et al., 2010). Uptake by the dominant macrophyte species competes with 

sediment microbes for both NH4
+ and NO3

-. NO3
- reduction in salt marsh sediments may 

be performed by either denitrification or dissimilatory nitrate reduction to ammonium 

(DNRA). Denitrification (DNF), a heterotrophic process performed by diverse facultative 
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anaerobes, removes N from sediments by reducing NO3
- to N2. Anammox, an alternate N 

removal pathway requiring nitrite and NH4
+ to produce N2 gas, is considered a relatively 

minor contributor to N removal in salt marsh sediments (Koop-Jakobsen & Giblin, 2009). 

DNRA recycles N within the sediments by reducing NO3
- to NH4

+, and is performed by 

both fermentative and chemolithotrophic bacteria (Washbourne et al., 2011). Both 

processes may be coupled to nitrification by using the produced NO3
- as substrate. A key 

DNF step, reduction of NO2
- to nitric oxide (NO), is performed by enzymes encoded by 

the marker genes nirS and nirK; DNRA is performed by an enzyme encoded by the nrfA 

marker gene. Because DNF rates tend to be limited by the availability of NO3
- (Koop-

Jakobsen & Giblin, 2010; Peng et al., 2016), competition for NO3
- with DNRA may have 

a strong influence on N removal rates. Previous studies have found DNRA to be highly 

variable in coastal ecosystems, accounting for 0 to 75% of total NO3
- reduction (Tobias et 

al., 2001; Ma & Aelion, 2005; An & Gardner, 2002; Gardner & McCarthy, 2009). Marsh 

vegetation enhances nitrification by oxygenating the rhizosphere, stimulating coupled 

nitrification-DNF (Hinshaw et al. 2017) and potentially coupled nitrification-DNRA; 

however, plants also may reduce DNF by competing with microbes for NH4
+ and NO3

-. 

N cycling rates may vary depending on local concentrations of pore water 

constituents such as H2S, DOC, and the ratio of DOC : NO3
-. H2S inhibits nitrification 

rates by inhibiting the amoA enzyme responsible for ammonia oxidation (Joye & 

Hollibaugh,1995; Caffrey et al., 2010), inhibits DNF rates by inhibiting the enzymes 

responsible for reducing NO to N2O and N2O to N2 (Burgin & Hamilton, 2007), and 

reduces plant N uptake rates by inhibiting the uptake enzymes (Bradley & Morris, 1990). 

However, H2S may stimulate chemolithotrophic DNRA by acting as an electron donor 
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for sulfide oxidizing microorganisms (Burgin & Hamilton, 2007). Thus, pore water H2S 

concentrations, which differ based on physical factors of a location, may dictate whether 

DNF or DNRA is the dominant NO3
- reduction pathway. DOC may limit both DNF and 

DNRA, and DNRA is thought to be favored in environments with high ratios of 

DOC:NO3
- (Burgin & Hamilton, 2007; Hardison et al., 2015).  

 Because salt marsh sediments are anoxic environments with high sulfide (H2S) 

and DOC:NO3
-, they are likely to be ideal locations supporting high DNRA:DNF rates. 

However, pore water chemistry is spatially heterogeneous across salt marsh locations as a 

result of site-specific physical characteristics. Marsh locations with low elevations and 

long inundation times tend to have more reduced conditions and greater sulfide (H2S) 

content (Howes & Goehringer, 1994). The residence time of pore water, which varies 

depending on sediment composition, slope, elevation, tidal amplitude, and groundwater 

hydrology (Tamborski et al., 2017), governs the concentrations of metabolic products 

accumulating in pore water. Creekbanks are distinct sub-habitats within marsh 

ecosystems that often have a high elevation berm resulting from high rates of sediment 

deposition (Temmerman et al., 2003). Exposure to high energy oxic creek water rapidly 

flushes pore water in creek bank sediments (Harvey et al., 1995; Gardner, 2005). Creek 

banks are thought to have higher potential rates of coupled nitrification-DNF resulting 

from more oxidized sediments, but actual rates may be limited by lower pore water NH4
+ 

availability (Howes & Goeringer, 1994). Thus, physical characteristics, which drive 

differences in inundation and porewater exchange, shape spatially heterogeneous pore 

water chemistry across salt marsh locations. 
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Inorganic N availability in salt marshes influences both DNF and DNRA. 

Whereas in numerous studies fertilization has consistently stimulated salt marsh DNF 

(Koop-Jakobsen et al., 2010, Hamersley et al., 2005), responses of DNRA have been 

more variable with DNRA inhibition in some studies (King & Nedwell, 1985; Peng et al., 

2016) and DNRA stimulation in others (Koop-Jakobsen et al., 2010). DNRA rates are 

regulated primarily by sediment pore water DOC:NO3
- ratios; thus, increased NO3

- due to 

fertilization may reduce rates of DNRA in salt marshes (Brin et al., 2015; Dalsgaard et 

al., 2005; Hardison et al., 2015; Song et al., 2013) and in rice paddies (Pandrey et al. 

2018). Increased N loading has been shown to stimulate DNRA rates in other ecosystems 

such as an estuary (Gardner & McCarthy, 2009) and a loblolly pine forest (Minick et al., 

2016), possibly because fertilization increased the DOC:NO3
- ratio through stimulated 

organic matter production. Thus, the response of DNRA to fertilization differs across 

locations and may depend on location-specific characteristics. 

High N availability may stimulate organic matter decomposition by NO3
- 

respiration and decreased root : shoot ratios (Darby & Turner, 2008), resulting in marsh 

loss. Increased degradation decreases elevation and weakens the marsh platform, 

potentially causing marsh collapse (Deegan et al., 2012). However, it is not known 

whether increased NO3
- respiration plays a significant role in stimulating degradation in 

fertilized marshes. The vast majority of marsh metabolism is through sulfate reduction 

and aerobic respiration (Howes et al., 1984). Aerobic respiration may increase with 

fertilization due to increasing plant biomass and greater oxygenation of sediment in the 

rhizosphere.  
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The goal of this study was to determine the effects of fertilization on functional 

gene abundances (amoA, nirS, nirK, and nrfA) and activities of DNF and DNRA 

communities across three salt marsh locations with varying physical and chemical 

characteristics to answer the following questions:  

1) What are the drivers of spatial variation in DNF rates, DNRA rates, and the 

dominant NO3
- reduction pathway in salt marshes?  

2) Does the fertilization effect on N cycling gene abundances and rates vary 

across locations with different pore water chemistry? 

3) Do shifts in N cycling due to fertilization directly drive increased organic  

matter degradation?  

We hypothesized that DNRA would dominate at locations with greater pore water H2S 

and DOC concentrations, but DNF would dominate where H2S concentrations and 

DOC:NO3
- ratios are lower such as at the marsh edge. Fertilization was expected to 

increase DNF but decrease DNRA. We expected increasing DNF associated with 

fertilization to play a significant role in increasing OM degradation in salt marsh 

sediments. 
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Figure 1. Map of Marine Corp Base Camp Lejeune, NC, USA (34° 35' 52.8'' N, 77° 19' 

37.2'' W) with the experimental plot locations marked with red stars.  

2 Methods 

2.1. Study Site 

This study was conducted across three marsh sites at Marine Corps Base Camp 

Lejeune, NC demonstrating a gradient of pore water H2S and DOC concentrations (Table 

4-1). One site was located on the edge and a second site was located in the interior of a S. 

alterniflora marsh adjacent to Freeman Creek (FC), a small tidal creek along the 

Intracoastal Waterway on Marine Corps Base Camp Lejeune, NC (Figure 1, 34° 35' 52.8'' 

N, 77° 19' 37.2'' W) with a salinity range of 30-35 and annual average tidal amplitude of 

0.83 m. The marsh interior was inundated with tidal water 55% of the year. FC edge was 
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located on a high elevation berm within 5 m of the creek and inundated by tidal water for 

36% of the year. FC edge had significantly lower concentrations of H2S, DOC, and NH4
+ 

than the interior (Czapla et al. 2019). A third site was located at a S. alterniflora marsh 

adjacent to Traps Bay Creek (TBC), a tidal creek within an embayment in the New River 

Estuary. TBC had significantly higher concentrations of pore water H2S, DOC, and NH4
+ 

than the Freeman edge and interior sites, a salinity range of 26-32, an annual average 

tidal amplitude of 0.57 m, and was flooded 68% of the year. 

2.2. Experimental Design 

 Three pairs of control and fertilized plots were established in each of the three 

sites. A fertilized plot for each pair was randomly selected and seasonally fertilized at the 

rate of 30 mol N as NH4NO3 and 15 mol P2O5 per year. Seasonal N cycling rate and 

functional gene measurements occurred about one month after each fertilization.  

2.3. qPCR 

 Seasonally sediment samples were taken from the top 2 cm of the marsh surface, 

immediately frozen on dry ice in the field, and stored in a -80 oC freezer. DNA was 

extracted from sediment samples using a PowerLyzer PowerSoil DNA Isolation Kit, 

screened for quality on a Nanodrop 2000 spectrophotometer, quantified on a Qubit 3.0 

fluorometer, and diluted to 2 ng DNA/µL. qPCR was performed on a QuantStudio6 Flex 

qPCR with triplicates for each sample. Each reaction was 12 µL total, containing 4 ng 

sample DNA, GoTaq qPCR Master Mix (Promega Corporation), forward and reverse 

primers, and bovine serum albumin (except nrfA reactions, in which MgCl2 was added 

instead). nirS was quantified using the nirScdaF and nirSR3cd primers (Braker et al. 

1998; Mosier and Francis 2010; Throback et al., 2004), nirK using nirKF1Acu and 

https://aslopubs.onlinelibrary.wiley.com/doi/full/10.1002/lno.10305#lno10305-bib-0006
https://aslopubs.onlinelibrary.wiley.com/doi/full/10.1002/lno.10305#lno10305-bib-0047
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nirKr3Cu primers (Mohan et al., 2004), nrfA using nrfAF2 and nrfAR1 primers (Welsh et 

al., 2014), and amoA using Arch-amoAF and Arch-amoAR primers (Francis et al., 2005) 

for ammonia-oxidizing archaea and BAamoA1F and BAamoA2R primers for ammonia-

oxidizing bacteria (Rotthauwe et al., 1997).  

2.4. Isotope Pairing Technique Incubations 

 Each season, one core (10 cm deep x 6.4 cm diameter) was taken from each plot 

with 28.3 cm tall tubes, carefully kept upright and capped with headspace filled with site 

water. One additional core taken from each treatment and location served as T0 cores. 

Cores were transported in a cooler from the sampling sites to a dark environmental 

chamber set at in situ creek water temperature within 8 hours of sampling, where they 

were uncapped and submerged in baths of corresponding oxygenated site water to 

equilibrate overnight; stir bars in the headspace of each core insured continuous mixing. 

The next morning cores were capped for an initial incubation to determine the time it 

takes for dissolved oxygen (DO) in the water overlying the cores to decrease to 70% of 

initial concentrations. 20 mL water overlying each core was sampled periodically to 

measure DO with a Hach HQ40D multimeter with an LDO probe. The DO probe was 

calibrated within 24 hours of the incubation and corrected for salinity at each site. Water 

sampled from the core headspace was replaced by an equal volume of water from the 

bath through an inflow port. The time for reduction of DO to 70% of the initial DO 

concentration for each season was used as the target time for the isotope paring technique 

(IPT) incubation. Cores were uncapped and left in the baths overnight.  

The following day, each water bath was spiked with 99% 15NO3 solution as tracer 

solution to a target concentration of 100 µM NO3
-, mixed well into the headspace water 

https://aslopubs.onlinelibrary.wiley.com/doi/full/10.1002/lno.10305#lno10305-bib-0046
https://onlinelibrary.wiley.com/doi/full/10.1111/1751-7915.12366#mbt212366-bib-0014
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of each core, and left for two hours to allow 15NO3
- to diffuse into the core sediment. 

Water baths were analyzed for NO3
- concentrations before and after tracer addition. All 

cores were then capped except the T0 cores, which were immediately slurried and 

sampled to determine initial 15NH4, 
29N2, and 30N2 concentrations. The Tf cores were 

capped and incubated for the amount of time previously determined to draw DO 

concentrations down to 70% of initial concentrations, after which they were uncapped 

and slurried gently without introducing bubbles. A water sample was siphoned from each 

core into a 12 mL Exetainer (Labco), preserved with 100 µL of 7M ZnCl2 and capped 

with no gaseous headspace to analyze for DNF. 120 mL of core slurry was transferred 

into a Whirl-pak bag containing sufficient KCl to dissolve to a concentration of 2M for 

NH4
+ extraction and analysis of DNRA. 

 

2.5. DNF analysis 

 DNF samples were stored submerged, upside-down in deionized water at 4-6 oC 

until analyzed on a membrane inlet mass spectrometer (MIMS) (within 30 days of 

collection). To reduce oxygen interference (Lunstrum & Aoki, 2016), oxygen was 

removed from samples with a copper column in a 600 oC furnace placed in line between 

the membrane inlet and the detector. N cycling rates were calculated as detailed in 

Murphy et al. (2016), using the equations from Nielsen (1992). The major assumptions of 

IPT (Eyre et al., 2002) were tested with a time series test and 15NO3
- concentration series 

test. These tests were performed to ensure that production rates of 29N2 and 30N2 were 

linear, anammox rates were negligible, and D14 was independent of 15NO3
- 

concentration.  
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 To determine the contribution of DNF to total respiration, NO3
- consumption was 

converted to the rate of CO2 production using the stoichiometric formula reported in 

Patrick and Reddy (1976): 

24NO3 
-+ 5C6H12O6 + 24H+ → 12 N2 + 30CO2 + 42H2O 

The resulting CO2 flux calculation was compared to the hourly rate of CO2 production as 

measured in in situ dark static chambers with a Los Gatos Greenhouse Gas Analyzer 

(Czapla et al., 2019). Likewise, the CO2 flux predicted from DNRA was calculated using 

the stoichiometric formula reported in van den Berg et al. (2016): 

-2.1C2H3O2
- – 1.5NO3

- - 4.9 H+ + CH1.8O0.5N0.2 + 1.1N2 + 3.1CO2 + 4.4H2O 

2.6. DNRA measurement 

Sediment slurries for DNRA analysis were placed on a shaker table for 1 hour and 

filtered (0.45 µm pore size polyethelsulfone) to extract NH4
+ and remove sediment 

particles. Two 12 mL Exetainers (Labco) were filled with NH4
+ extractant and DNRA 

rates were measured using the OX/MIMS method. One Exetainer for each sample was 

spiked with 100 µL hypobromite reagent (prepared as in Yin et al., 2014) to oxidize NH4
+ 

to N2, and both Exetainers were analyzed for 29N2 and 30N2 on a MIMS equipped with a 

copper column inside a 600 oC furnace. A five-point standard curve was made with a 

serial dilution of 15NH4
+ concentration and used to determine 15NH4

+ production based on 

the formula: 

15NH4
+ = (29N2 + 2(30N2))

spiked sample – (29N2 + 2(30N2))
unspiked sample 

Concentrations of 15NH4
+ were then calculated based on the linear standard curve 

formula. Rates of potential, actual, and nitrification-coupled DNRA were calculated 

using the equations from Yin et al. (2014).  
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Table 4-1. Seasonal averages (standard errors) of pore water analyte concentrations 

(from Chapter 2). 

  
 

Control Fertilized 

 
Site: Freeman Edge Freeman Interior Traps Freeman Edge Freeman Interior          Traps 

 

Depth 

(cm): 5 15 5 15 5 15 5 15 5 15 5 15 

H2S (µM) 

Fall 43 (19) 905 (88) 561 (407) 875 (437) 1209 (112) 2716 (263) 13 (13) 372 (240) 
2629 

(1639) 1486 (843) 1335 (916) 2893 (512) 
Winter 0 (0) 130 (73) 87 (70) 341 (196) 1183 (780) 2119 (682) 3 (3) 0 (0) 202 (149) 91 (62) 144 (92) 1808 (126) 
Spring 0 (0) 37 (37) 376 (305) 142 (101) 889 (573) 1138 (134) 0 (0) 5 (5) 101 (69) 83 (47) 106 (60) 943 (125) 

Summer 22 (22) 711 (295) 768 (362) 544 (104) 870 (338) 2566 (830) 0 (0) 188 (186) 810 (69) 548 (81) 642 (287) 2501 (548) 

NH4

+ 
(µM) 

Fall 3.8 (0.5) 14.8 (6.1) 
39.6 

(21.7) 94.7 (45.4) 
119.8 

(52.9) 
329.2 

(52.9) 7.0 (1.6) 11.9 (3.8) 48.7 (31.6) 71.7 (36.1) 82.4 (46.5) 
654.8 

(288.5) 

Winter 5.6 (1.0) 5.8 (1.7) 28.4 (9.7) 37.3 (8.0) 
115.6 

(64.0) 
279.6 

(75.5) 7.1 (3.2) 11.2 (4.2) 84.4 (29.4) 
144.5 

(46.7) 
889.8 

(807.5) 
1180.9 

(271.0) 

Spring 2.0 (0.6) 9.1 (3.5) 
37.7 

(12.8) 30.7 (9.6) 68.2 (48.2) 
177.8 

(71.4) 3.6 (0.7) 5.2 (2.2) 94.3 (35.6) 
128.0 

(70.9) 
546.3 

(501.2) 
1196.0 

(461.2) 

Summer 4.7 (0.2) 12.6 (2.3) 
105.2 

(11.3) 79.1 (24.2) 98.7 (78.0) 
242.6 

(78.6) 6.0 (0.5) 5.8 (1.4) 
305.2 

(145.8) 
324.9 

(239.2) 
102.4 

(70.4) 
776.8 

(307.9) 

DIC (mM) 

Fall 3.53 (0.29) 
9.54 

(1.40) 
5.46 

(1.29) 
10.31 

(3.87) 
10.11 

(1.86) 
13.84 

(2.26) 3.18 (0.35) 9.67 (2.25) 7.29 (2.39) 6.25 (1.74) 8.53 (2.00) 
17.35 

(1.24) 

Winter 2.59 (0.20) 
4.80 

(0.86) 
3.19 

(0.67) 4.54 (0.84) 7.23 (1.81) 
13.88 

(2.81) 3.13 (1.04) 4.62 (0.75) 4.17 (1.49) 3.17 (0.43) 3.61 (0.97) 
15.49 

(0.64) 

Spring 4.12 (1.15) 
5.10 

(0.88) 
4.89 

(1.30) 5.25 (0.97) 7.86 (2.68) 
12.31 

(1.88) 5.16 (1.08) 6.48 (0.86) 4.69 (0.67) 4.89 (0.40) 3.59 (1.10) 
12.10 

(1.73) 

Summer 4.17 (0.33) 
8.70 

(1.10) 
7.32 

(1.44) 9.14 (1.54) 8.54 (1.02) 13.41 (0.88 5.51 (0.66) 9.37 (0.99) 7.01 (0.87) 9.27 (0.67) 5.89 (0.76) 
13.66 

(0.92) 

DOC (mM) 

Fall 0.25 (0.04) 
0.46 

(0.23) 
0.54 

(0.10) 0.72 (0.00) 1.19 (0.17) 1.58 (0.20) 0.24 (0.02) 0.50 (0.15) 0.62 (0.18) 0.52 (0.04) 1.21 (0.16) 1.54 (0.30) 

Winter 0.34 (0.09) 
0.23 

(0.13) 
0.37 

(0.01) 0.51 (0.01) 0.94 (0.02) 1.05 (0.16) 0.24 (0.03) 0.25 (0.02) 0.50 (0.09) 0.35 (0.01) 0.67 (0.04) 1.07 (0.05) 

Spring 0.40 (0.18) 
0.55 

(0.29) 
0.61 

(0.18) 0.91 (0.08) 1.06 (0.03) 1.41 (0.23) 0.33 (0.04) 0.29 (0.04) 0.56 (0.09) 0.32 (0.04) 0.77 (0.16) 1.35 (0.10) 

Summer 0.40 (0.08) 
0.66 

(0.31) 
1.37 

(0.46) 0.99 (0.01) 1.15 (0.30) 1.69 (0.23) 0.30 (0.03) 0.48 (0.22) 0.87 (0.25) 0.84 (0.10) 1.13 (0.25) 1.71 (0.19) 
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2.7. Statistics 

A three-way ANOVA with factors of season, treatment, and location was 

performed with the lme4 package in R (R Core Team, 2014) to determine statistical 

differences in N cycling flux rates and gene abundances. Structural equation modelling 

(SEM) was used to determine direct and indirect effects of pore water chemistry, 

fertilization, and gene abundances on N cycling rates. The piecewise SEM package 

(Lefcheck, 2016) was used in R software to construct and analyze SEMs. An SEM was 

considered a significant fit if p > 0.05. Pore water H2S and DOC concentrations shown in 

Table 1 were used, and 5 and 15 cm depths were averaged for SEM analysis. 

 

3 Results  

3.1. N Cycling gene abundance 

 Seasonal patterns were similar for all quantified marker genes. Gene abundances 

were significantly greater during the summer (p < 1x10-7) and lower during the winter (p 

< 0.05) than the other seasons. amoA abundance was significantly lower during spring 

than fall (p < 1 x 10-7), but nirS, nirK, and nrfA abundances were significantly greater 

during spring than fall (p = 1 x 10-7).  

3.1.1. amoA abundance 

 Archaeal amoA abundance displayed a wide range of up to 1 x 105 copies per g 

sediment; bacterial amoA abundances were low in the FC interior and TBC but as high as 

2 x 107 copies per g sediment on the edge. No difference in total amoA abundances 

(Figure 2A) were detected between control and fertilized treatments, but abundances 
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differed depending on location and season. amoA abundance was significantly lower at 

TBC than at FC interior (p = 1 x 10-5) and FC edge (p = 1 x 10-6).  

3.1.2. nirS abundance 

 No difference was detected for nirS gene abundance (Figure 2B) between control 

and fertilized treatments, but nirS abundance differed depending on location and season. 

nirS was significantly more abundant at FC edge (p < 1 x 10-7) and FC interior (p = 2 x 

10-7) than at TBC. 

3.1.3. nirK abundance 

 nirK abundance was similar in magnitude to nirS abundance. No difference in 

nirK abundance (Figure 2C) was detected between control and fertilized treatments, but it 

differed depending on location and season. TBC had significantly lower nirK abundance 

than FC interior (p = 0.002) and FC edge (p < 1 x 10-7), and FC interior had significantly 

lower nirK abundance than FC edge (p < 1 x 10-7).  

3.1.4. nrfA abundance 

nrfA was consistently an order of magnitude more abundant than nirS and nirK. 

No difference was detected between control and fertilized treatments for nrfA gene 

abundance (Figure 2D), but nrfA abundance differed depending on location and season. 

FC edge had significantly greater nrfA abundance than FC interior (p = 0.027) and TBC 

(p = 0.036).  
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3.2. Nitrate reduction rates  

3.2.1. Potential NO3 reduction rates 

 Potential DNF rates (D15, Figure 3A) were significantly greater in fertilized plots 

than control plots (p = 0.001), and significantly greater during summer than fall (p = 6 x 

10-6), winter (p < 1 x 10-7), or spring (p = 0.003). Winter D15 was significantly lower 

than fall (p = 0.01) or spring (p = 0.003) D15. Rates at TBC were lower than both FC 

interior (p = 0.0009) and edge (p = 2 x 10-6). However, an interaction between treatment 

and location indicated that there was a significant difference between control and 

fertilized plots at TBC (p = 4 x 10-5), but not at the other two sites. TBC control plot D15 

rates were significantly lower than both edge (p = 1 x 10-7) and interior (p = 0.001) rates. 

 Potential DNRA rates (DNRA15, Figure 3B) were not significantly different 

across locations and treatments, but were significantly different depending on season. 

Fertilized plots on FC edge and TBC had lower rates than control plots during the 

summer, but FC interior had greater rates in fertilized plots during summer. Summer 

DNRA15 rates were significantly greater than winter (p = 2.1 x 10-4), spring (p = 8.6 x 

10-6), and fall (p = 5.2 x 10-4) DNRA15 rates.  

 Total NO3
- reduction potential (D15 + DNRA15, Figure 3C) was not significantly 

different between control and fertilized treatments; however, rates differed depending on 

location and season. Fertilized plots on FC edge and TBC had lower rates than control 

plots during the summer, but FC interior had similar rates in both control and fertilized 

plots. FC edge had significantly greater NO3
- reduction potential than FC interior (p = 

0.009) and TBC (p = 9 x 10-5). Summer rates were significantly greater than fall, winter, 

and spring rates (p < 1x 10-7), and winter rates were lower than fall (p = 0.0001) and 
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spring (p = 0.008) rates. 

 

Figure 3. Hourly potential A) DNF rates (D15), B) DNRA rates (DNRA15), and C) total 

NO3
- reduction potential (D15 + DNRA15) across each season, site, and treatment.  
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3.2.2. Actual NO3 reduction rates 

 Actual DNF rates (D14) (Figure 4A) as measured by IPT were an order of 

magnitude lower than potential rates. They were significantly greater in fertilized plots 

than control plots for all locations (p = 0.002). D14 was significantly lower at TBC than 

FC interior (p = 0.025) but not the edge. Summer D14 rates were significantly greater 

than rates in the fall (p = 0.028), but no other differences between seasons were detected.  

 DNRA14 rates (Figure 4B) did not differ by treatment but were significantly 

different across locations and seasons. Fertilized plots on FC edge and TBC had lower 

rates than control plots during the summer, but FC interior had greater rates in fertilized 

plots than control plots during summer. DNRA14 was greater on the FC edge than in FC 

interior (p = 0.009) and TBC (p = 9 x 10-5). Summer rates were greater than fall, winter, 

and spring rates (p = 1 x 10-7), and winter rates were lower than spring (p = 0.008) and 

fall (p = 0.0001) DNRA14. 

Actual total NO3 reduction rates (D14 + DNRA14, Figure 4C) did not differ by 

treatment overall but depended upon location and season. Fertilized plots on FC edge and 

TBC had lower rates than control plots during the summer, but FC interior had similar 

rates in both control and fertilized plots. FC edge rates of NO3 reduction were 

significantly greater than rates at TBC (p = 0.006). Summer rates were greater than 

winter (p = 0.023) and spring (p = 0.0002) rates, and fall rates were greater than spring (p 

= 0.007) rates.  

The IPT incubation indicated that the majority of the DNF and DNRA rates were 

coupled to nitrification across each site, treatment, and season (Figure 5). The percentage 

of DNF coupled to nitrification was significantly greater in fertilized plots than control 
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plots (p = 5.8 x 10-4). Coupled DNF varied across seasons, and was significantly greater 

during summer (p = 0.01), fall (p = 1.5 x 10-6), and winter (p = 9.4 x 10-4) than spring. 

DNRA dominated NO3
- reduction over DNF during the summer for control 

treatments at TBC and FC edge, and during the fall at TBC. DNF dominated over DNRA 

for all other seasons and treatments (Figure 6). Percent DNRA of NO3
- reduction 

(%DNRA = DNRA14/(D14 + DNRA14) * 100) did not differ significantly by location or 

treatment but did differ significantly across seasons. However, a significant interaction 

between location and treatment indicated that control plots had greater percent DNRA 

than fertilized plots only at TBC (p = 0.02). Summer percent DNRA was significantly 

greater than spring (p = 0.0003) and winter (p = 0.0007). Winter had significantly lower 

percent DNRA than fall (p = 1 x 10-6) and summer (p = 0.0007). Fall percent DNRA was 

significantly greater than during spring (p = 6 x 10-7).  
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Figure 4. Actual rates of A) DNF (D14), B) DNRA (DNRA14), and C) total NO3
- 

reduction (D14 + DNRA14) across each season, site, and treatment. 
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Figure 5. Percentage of total DNF coupled to nitrification.  

 

Figure 6. Percentage of total NO3
- reduction as DNRA.  
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Figure 7. Structural equation model (SEM) showing the significant direct positive (black 

arrows) and negative (red arrows) effects of one variable on another. Values in each box 

represent the combined R2 variation explained for each variable, and values on each 

arrow represent the R2 for that pathway. 

 

Figure 8. Scatterplot of log pore water H2S vs. % DNRA of total nitrate reduction rate.  
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Figure 9. A) hourly total respiration rate measured as the dark CO2 flux at the same 

temperature as DNF rate, B) Percent total respiration as DNF, and C) Percent total 

respiration as DNRA. 
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3.3. Structural equation model (SEM)  

 The SEM shown in Figure 8 was a significant fit for the data (p = 0.287). 

Temperature, fertilization, and H2S were the three independent variables. Fertilization, 

bacterial amoA, and temperature had direct positive effects on D14, but H2S had a direct 

negative effect on D14. DNRA14 was positively impacted by temperature, but gene 

abundances, sulfide, and fertilization did not have significant direct effects. Abundance of 

archaeal amoA was positively correlated with temperature but negatively correlated with 

H2S, and had a direct positive effect on bacterial amoA, nirS, nirK, and nrfA. nirK 

abundance was negatively impacted by H2S, and had a direct positive effect on nrfA 

abundance.  

 A scatterplot of log H2S vs. %DNRA of total NO3
- reduction (Figure 9) depicts a 

clear pattern showing low DNRA dominance at low H2S concentrations. However, at 

high H2S concentrations DNRA dominance ranges from 0% to near 100% of total NO3
- 

reduction rates. 

3.2.3. Contribution of nitrate respiration to total ecosystem respiration 

  Hourly respiration rates (Figure 9A) differed by location, season, and treatment. 

Respiration was significantly stimulated by fertilization (p < 1 x 10-7), and significantly 

greater on the edge than in the interior (p = 0.0001) and TBC (p = 1 x 10-7). Respiration 

was greater during summer than fall (p = 1 x 10-7), winter (p < 1 x 10-7), and spring (p = 

0.0008), and lower during winter than spring (p =), summer (p < 1 x 10-7), and fall (p = 7 

x 10-5).  

DNF rates across all sites, treatments, and seasons contributed less than 0.3% of 

ecosystem R (Figure 9B). The percentage of R contributed by DNF did not differ by 
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location and treatment, but was significantly different across seasons. Winter was 

significantly greater than spring (p = 2 x 10-7), summer (p = 4 x 10-5), and fall (p = 

0.007). Fall was significantly greater than spring (p = 0.01). 

DNRA across all sites, treatments, and seasons contributed up to 0.5% of 

ecosystem R (Figure 9C). The percentage of R as DNRA did not differ significantly by 

location or treatment, but was significantly different across seasons. Summer was 

significantly greater than spring (p = 0.0008) and winter (p = 0.008), and fall was 

significantly greater than spring (p = 4 x 10-6) and winter (p = 5 x 10-5). 

4 Discussion 

4.1 Functional Gene Abundance 

Gene abundances, quantified in the top 2 cm of sediment using qPCR, were 

similar to those observed in other studies with the exception of nrfA. AmoA abundance, 

which ranged from 4.5 x 103 to over 1 x 109 , was within the wide range reported in other 

salt marsh studies (Dollhopf et al., 2005; Peng et al., 2013; Smith et al., 2015). NirS gene 

abundances in salt marsh sediments have been reported to range from 106 to 108 copies 

per g sediment at other sites (Gao et al., 2017; Hinshaw et al., 2017; Zheng et al., 2016), 

which was similar to the range we observed up to 2 x 107 copies per g sediment. We 

observed similar abundances of nirS and nirK, atypical for marine sediments as observed 

in other studies. Dini-Andreote et al. (2016) reported consistently greater nirK abundance 

than nirS in a salt marsh, but Smith et al. (2015) reported salt marsh nirK abundances an 

order of magnitude lower than nirS abundance. NrfA in this study was consistently an 

order of magnitude more abundant than nirS and nirK during all seasons, which reflects 

the dominance of DNRA rates during the summer, but contrasts with the dominance of 
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DNF during other seasons. NrfA abundances observed in this study were greater than any 

reported in previous studies, which were as high as 3 x 107 (Gao et al., 2017; Zheng et al., 

2016). However, the greater nrfA abundances found in this study relative to other studies 

may be a result of differences in sampling methods. Whereas this study sampled 

microbial communities to a 2 cm sediment depth, many other studies sampled to a 5 cm 

sediment depth. The top 2 cm of sediment contain the highest abundances of some 

common DNRA-capable salt marsh organisms such as Beggiatoa (Hinck et al., 2007) and 

cable bacteria (Schauer et al., 2014). 

All quantified genes displayed a similar pattern in abundance, greater during 

summer than other seasons and lower at sites with higher H2S concentrations. AmoA, 

nirS, and nirK were lower in the highly sulfidic environments, as expected, because 

amoA is inhibited by H2S, which limits coupled nitrification-DNF. However, we expected 

nrfA to have greater abundances at high H2S and DOC sites because DNRA is often 

performed by sulfide oxidizers and is favored by high DOC availability (Burgin & 

Hamilton, 2007). This observed trend may result from the lower abundances of amoA and 

resulting low rates of nitrification supplying NO3
- for DNRA at these sulfidic sites. 

4.2 DNF Rates  

DNF rates were challenging to compare with other studies because a wide variety 

of methods have been used. Many early measurements of salt marsh DNF were 

performed using the acetylene block technique, which underestimates DNF rates by 

scavenging the intermediate NO,  preventing its reduction to N2O, and inhibiting coupled 

nitrification-DNF (Bollman & Conrad, 1997; Teissier & Torre, 2002). Other studies have 

measured potential DNF in slurries rather than in intact cores. Slurries are difficult to 
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compare to intact core measurements because they are expressed as rates per gram 

sediment rather than per unit area, and conversions to per unit area would require 

determining a certain depth of sediment over which to integrate. Furthermore, slurries do 

not maintain natural sediment gradients and only provide potential DNF rates. N2:Ar 

measurements, performed by many, represent a net rate of DNF minus N fixation and, 

thus, may underestimate DNF rates if N fixation rates are high (Eyre et al., 2002). 

Therefore, we only compared DNF rates with the handful of studies that measured DNF 

using IPT with intact sediment cores. IPT has advantages over slurries and N2:Ar of 

measuring both potential and actual DNF rates and determining the relative amount of 

DNF coupled to nitrification.  

DNF rates varied widely across sites and studies. Our highly variable D15 

observations, a measure of potential DNF, fall within the wide range reported in other 

marsh studies. Other studies that used the IPT method to measure DNF in intact cores 

found maximum D15 rates of about 250 µmol per m2 per hour in a marsh adjacent to the 

Gulf of Mexico (Hinshaw et al., 2017), and 71.3 µmol per m2 per hour in a marsh in 

Plum Island, MA (Koop-Jakobsen & Giblin, 2010), which are similar to the D15 rates up 

to 250 µmol per m2 per hour that we observed. D14 rates, representing actual in situ rates, 

ranged from 0.3 to 7.5 µmol per m2 per hr under natural conditions in Koop-Jakobsen and 

Giblin (2010); however, we observed D14 rates up to 20 µmol per m2 per hr. Perhaps this 

is a result of a latitudinal effect, with greater average summer temperatures in NC than 

MA. Another study in Spartina maritima marsh in Portugal reported D14 as 1372 µmol 

N per m2 per hour (Sousa et al., 2012), many times greater than rates we observed in this 

study. D14:D15 was less than 0.3 for the majority of measurements in Gulf of Mexico 
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marshes (Hinshaw et al., 2017), suggesting low in situ DNF rates similar to what we 

observed in this study. 

 D14 and DNRA14 rates were both an order of magnitude lower than D15 and 

DNRA15 rates, respectively, suggesting that both processes were limited by the 

availability of NO3
-. The high percentage of DNF and DNRA coupled to nitrification 

across all locations, seasons, and treatments indicates that that majority of NO3
- used for 

these processes was supplied by nitrification. Thus, the rate of nitrification likely limits 

the rates of both processes. This high percentage of coupled nitrification-denitrification 

has also been observed by Koop-Jakobsen and Giblin (2010). While we did not measure 

nitrification rates directly, amoA gene abundances may be an indicator of greater 

potential nitrification rates. Rates of nitrification have been reported to be positively 

correlated to abundance of amoA gene DNA in marine sediments (Risgaard-Petersen et 

al., 2004; Li et al., 2014). Lower abundance of amoA at the highly sulfidic TBC site 

corresponded with lower rates of DNF. Nitrification was the main source of NO3
- for this 

study as well as others (Koop-Jakobsen & Giblin, 2010; Peng et al., 2016). DNF rates 

observed in Hamersley & Howes (2005) may be higher due to their measuring in situ 

rates that may be stimulated by the presence of live vegetation (Arenovski & Howes, 

1992; Caffrey & Kemp, 1992; Hinshaw et al. 2017). 

4.3 DNRA Rates and Dominance 

Although conditions in many salt marshes would seem favorable for supporting 

DNRA relative to DNF, few studies have measured DNRA alongside DNF. Our observed 

DNRA rates during all seasons except for summer, ranging from 0 to 24 µmol per m2 per 

hr, were similar those observed in other studies. DNRA rates reported in other studies 
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included: 11.4 µmol per m2 per hr in salt marshes of Bogue Sound, NC (Piehler et al., 

2013), 3.9 µmol per m2 per hr in an unimpacted marsh on Plum Island, Massachusetts, 

USA, comprising 46% of total NO3
- reduction (Koop-Jakobsen and Giblin, 2010), 5-21% 

of total NO3
- reduction in salt marshes in southern China recently invaded by S. 

alterniflora (Liu et al., 2017; Gao et al., 2017), and between 0 and 100% of total NO3
- 

reduction, depending on elevation and C:N (Peng et al., 2016). DNRA rates during 

summer ranged up to 950 µmol per m2 per hr, which was greater than rates observed in 

previous studies. The high variability in DNRA across these studies may be driven by 

factors including temperature due to season and latitudinal differences, pore water H2S, 

DOC, NH4
+, and sediment C:N.  

We expected to see greater DNRA at sites with higher H2S and DOC; however, 

we observed the highest rates of DNRA during summer on the FC edge, the site with 

lowest H2S and DOC concentrations. The high DNRA at FC edge may be in response to 

the DOC:NO3
- ratio. Although pore water concentrations of DOC were low, the greater 

plant biomass at this site may exude labile DOC from roots to the sediments causing 

DNRA dominance. Because NO3
- is typically below detection limits in most salt marsh 

pore water (Aziz et al., 1986), DOC:NO3
- in salt marshes is primarily controlled by DOC 

availability; however, DOC composition and lability may also be important factors. Peng 

et al. (2016) found that DNRA was dominant at higher marsh elevations, which is 

consistent with our observation of greater DNRA dominance on the high elevation edge 

berm at FC. At TBC the high pore water retention time caused DOC and H2S to 

accumulate to high concentrations in pore water, creating conditions that inhibited NO3
- 

production by nitrification. As observed in this and other studies, DNRA outcompetes 
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DNF for NO3
- at higher temperatures and in different ecosystems such as estuarine 

sediments (Gruca-Rokosz et al., 2009) and constructed wetlands (Rahman et al., 2019).  

4.4 Fertilization Effects on N Cycling Processes 

Both in this study and others, fertilization did not alter the abundances of genes 

and functional microbial communities (Bowen et al., 2011). Peng et al. (2013) found 

abundances of amoA were not impacted by fertilization; however, DNF was consistently 

stimulated by fertilization (Koop-Jakobsen & Giblin, 2010; Peng et al., 2016). 

Fertilization increased the percentage of DNF coupled to nitrification, suggesting that the 

added NO3
- was not the primary cause of the increased DNF rates (Hamersley and 

Howes; 2005). This trend may possibly be caused by the increase of plant production, 

which may stimulate sediment nitrification rates. 

However, fertilization had contrasting effects on DNRA depending on the site. 

During peak DNRA rates in summer, fertilization stimulated DNRA in the FC interior 

but inhibited DNRA at TBC and on the FC edge. The contrasting fertilization effects on 

DNRA is also reflected in other studies. Koop-Jakobsen and Giblin (2010) showed that 

fertilization stimulated DNRA rates, but Pandey et al. (2018) and Peng et al. (2016) both 

showed that fertilization inhibited DNRA rates. Interestingly, total NO3
- reduction was 

reduced with fertilization along with DNRA on the FC edge. This could be an effect of 

the increased plant biomass and enhanced N uptake, decreasing the availability of both 

NH4
+ and NO3

-. Even though plants were not present during the incubation, they may 

impact the microbial communities present in cores by competing for NO3
- and NH4

+ with 

microbes and supplying labile carbon and oxygen to sediments. A previous study at FC 

(Chapter 2) showed that the edge had the greatest fertilization impact on biomass and 
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GPP of the three sites, with more than double the biomass of the FC interior. Unlike the 

edge, below-ground biomass at FC interior and TBC was observed to decrease with 

fertilization (Chapter 2). This may result in a shift in labile DOC:NO3
-. Furthermore, 

DOC and NH4
+ is flushed out by creek water on the edge, potentially causing the edge to 

be limited by NH4
+ as the substrate for both nitrification and uptake by the large S. 

alterniflora biomass.  

4.5 Drivers of NO3
- reduction rates 

 SEM analysis suggests that DNF rates were directly modulated by multiple 

chemical and physical factors whereas DNRA was primarily driven by temperature. This 

decoupling of DNF and DNRA rates from gene abundances makes sense because they 

are both facultative processes performed by a wide diversity of microbes, and therefore 

these genes may be present but inactive. Whether microbes that possess NO3
- reduction 

genes actively reduce NO3
- may depend on factors such as NO3

- availability, pore water 

H2S concentrations, and temperature. Nitrification, DNF, and DNRA have all been 

observed to vary depending on short-term changes in sulfide and oxygen concentrations 

(Caffrey et al., 2019). The direct positive effect of nirK on nrfA abundance shown in the 

SEM analysis was a surprising result. However, nirK is known to be associated with 

organisms also possessing nrfA genes (Sanaford et al., 2012; Heylen & Keltjens, 2012; 

Giblin et al. 2013; Decleyre et al., 2016). Much has yet to be understood about genomes 

in organisms responsible for NO3
- reduction processes in salt marshes. 

Controls on DNRA remain unclear, and may be complicated by location-specific 

DOC characteristics and interactions with plants in salt marshes. DNRA and DNF have 

been shown to coexist over a very wide range of DOC:NO3, whose impacts may be 
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modified by the specific composition and lability of DOC and the composition of the 

DNRA microbial community (fermentative vs. chemolithotrophic bacteria) (van den Berg 

et al., 2015). DOC composition and lability change in the presence of plants. Measuring 

DNF and DNRA in cores without plants is useful for determining drivers of microbial 

processes; however, it may not accurately represent in situ rates because plants stimulate 

coupled nitrification-DNF by providing oxygen to the rhizosphere (Arenovski & Howes, 

1992; Caffrey & Kemp, 1992; Hinshaw et al. 2017), competing for N with microbes 

(Hamersley & Howes, 2005), and by releasing labile DOC in both photosynthate and 

leachate. Fertilization in salt marshes may increase both NO3
- and DOC availability 

indirectly by increasing plant productivity, stimulating nitrification (Hinshaw et al., 2017) 

and increasing inputs of labile DOC plant leachates (Lee et al., 1999). H2S may alter 

fertilization effects by inhibiting plant N uptake (Bradley & Morris, 1999) and 

nitrification (Joye & Holibaugh, 1995) and by stimulating chemolithotrophic DNRA. All 

these factors combined are likely responsible for the variation in fertilization effects on 

DNRA.  

4.6. DNF plays minor role in increased C degradation upon fertilization 

 Fertilization increases sediment C degradation (Deegan et al., 2012, Turner et al., 

2009); however, the mechanism remains unknown. Degradation of marsh organic carbon 

may be facilitated by a variety of respiratory processes, including DNF, sulfate reduction, 

and oxic respiration. The vast majority of C mineralization in salt marshes is the result of 

sulfate reduction and aerobic respiration (Howes et al. 1984). Because DNF and DNRA 

are respiratory processes, an increase in the DNF rate will also result in increased total 

respiration.  We show that total NO3
- reduction (DNF + DNRA) constitutes a negligible 
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percentage of total respiration, with no increased percentage in fertilized plots with 

greater DNF rates. Therefore, the increase in degradation due to fertilization is more 

likely a result of increasing aerobic respiration or sulfate reduction. Perhaps bacterial 

growth is limited by N needed for assimilation, and fertilization directly stimulates 

bacterial respiration. Respiration in sediment may increase upon fertilization because 

increased plant metabolism may release more oxygen and labile organic C from roots 

into the sediment (Lee et al., 1999). 

4.7. Conclusions 

• High sulfide inhibits total NO3
- reduction by inhibiting nitrification 

• Abundances of amoA, nirS, nirK, and nrfA genes were lower in the high sulfide 

marsh because of direct inhibition by H2S and limitation of NO3
- from H2S-

inhibited nitrification 

• According to SEM analysis, DNF was directly driven by fertilization, sulfide 

concentration, bacterial amoA presence, and temperature, but DNRA was 

primarily driven by temperature 

• DNRA was highly variable, but tended to be dominant relative to DNF at high 

temperatures and sulfide concentrations 

• Fertilization stimulated N removal at all locations, but its effect on DNRA varied 

depending on location 

• DNF and DNRA played a negligible role in OM degradation rates  
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Chapter 5 

Comparison of microbial community composition and function on edge and interior 

of a salt marsh in North Carolina, USA 

Abstract 

Microbial community responding to location-specific pore water chemistry and 

anthropogenic N pollution is critical for salt marsh functions, including N removal, C 

sequestration, sulfate reduction, sulfide oxidation, and CH4 emission. To understand how 

composition and function of microbial community are linked to pore water chemistry and 

fertilization, we conducted 16S rRNA gene high throughput sequencing analysis of 

surface sediments collected from low-sulfide edge and high-sulfide interior marsh with 

control or fertilized treatments. We found that pore water sulfide, ammonium, dissolved 

organic C (DOC), and dissolved inorganic C (DIC) shaped distinct edge and interior 

microbial communities. Temperature, ammonium, DOC, and DIC drove differences in 

communities across seasons while fertilization had a negligible effect on community 

composition. Nitrifying communities were dominated by AOA, which were much more 

abundant on the edge than the interior. Sulfate reducers were dominated by 

Desulfobacterales, and abundance of sulfate reducers was positively correlated with 

respiration rates. Methanogenic communities were dominated by acetoclastic 

methanogens on the edge and methylotrophic methanogens in the interior. Methanotrophs 

were much lower in abundance than methanogens and were only represented by 

Gammaproteobacterial (Type I) methanotrophs. Thus, microbial community composition 

revealed by 16S sequences demonstrated the presence of different functional taxa in 
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marsh sediments of edge and interior locations, potentially impacting marsh C, N, and S 

cycles. 

1 Introduction 

Salt marshes provide numerous valuable ecosystem services, including 

improvement of water quality by removal of excess nitrogen (N) from coastal waters 

(Sousa et al., 2008; Velinsky et al., 2017) and mitigation of climate change by 

sequestration of carbon (C) through sediment deposition and CO2 uptake (McLeod et al., 

2011). However, emission of methane (CH4) may counteract the benefits of CO2 uptake, 

and high rates of respiration (R) mineralize organic C to CO2. Nitrogen removal, C 

sequestration, and CH4 production are performed by microbial communities with diverse 

metabolic pathways hosted within salt marsh sediments. Because specific taxa of 

microbes perform various processes responsible for biogeochemical cycling, microbial 

community composition may be used to infer their function in sediments. 

Salt marsh microbial community composition may depend on location-specific 

pore water chemistry that varies across salt marsh locations. Physical factors such as 

elevation, proximity to tidal creeks, flooding duration, and pore water residence time are 

responsible for the spatial heterogeneity of pore water chemistry observed across 

marshes. Marshes with long inundation times tend to have more reduced conditions with 

greater sulfide (H2S) concentrations (Howes & Goehringer, 1994). The residence time of 

pore water, which varies depending on sediment composition, hydraulic conductivity, 

slope, elevation, tidal amplitude, and groundwater hydrology (Tamborski et al., 2017), 

governs the concentrations of metabolic products accumulating in pore water. 

Creekbanks are distinct sub-habitats within marsh ecosystems that often have a high 
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elevation berm resulting from high rates of sediment deposition (Temmerman et al., 

2003). Highly energetic oxic creek water often rapidly flushes pore water in creek bank 

sediments (Harvey et al., 1995; Gardner, 2005), reducing accumulations of H2S, DOC, 

and other metabolic products. Spartina alterniflora strongly influences microbial 

community composition (Blum et al., 2004) by oxygenating the sediment, taking up N, 

and leaching labile C from roots (Lee et al., 1999). This spatial heterogeneity in pore 

water chemistry drives variability of microbial communities across marsh locations 

(Lasher et al., 2009), potentially impacting their functions.  

Excess N derived from widespread anthropogenic N loading may impact the 

composition and function of microbial communities in marshes (Pardo et al., 2011; 

Hopkinson et al., 2012). Because salt marsh macrophytes are often N-limited (Valiela, 

2015), N fertilization may cause an increase in plant biomass, which can influence 

sediment microbial communities through greater inputs of O2 and root exudates. 

Fertilization has also been observed to increase denitrification rates (Koop-Jakobsen et 

al., 2010, Peng et al., 2016) and degradation of organic matter by microbial respiration 

(Deegan et al., 2012; Turner et al., 2009; Wigand et al., 2009). Increasing N availability 

could potentially impact the composition and function of microbial communities 

depending on location-specific chemistry. Whereas previous studies have shown that 

overall salt marsh microbial community composition does not vary in response to 

fertilization (Bowen et al., 2009; Kearn et al., 2016), other studies have shown that the 

abundance and composition of specific functional groups such as denitrifiers (Graves et 

al., 2016) may shift with fertilization.  
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 A variety of methods may be employed to detect and quantify microbial 

functional groups, including quantitative polymerase chain reaction (qPCR), which can 

quantify specific functional gene targets, or sequencing of highly conserved 16S rRNA 

genes (Torsvik & Ovreas, 2002; Wellington et al., 2003), which may be used to identify 

taxonomic compositions of entire microbial communities. Although taxonomy can be 

used to infer microbial function, it may only be used for functional groups that are well-

characterized and conserved within specific known taxa (Langille, 2018). Functions that 

may be inferred from taxonomy include nitrification, sulfate reduction, methanogenesis, 

and methanotrophy. Aerobic respiration, denitrification, and dissimilatory nitrate 

reduction to ammonia (DNRA) are ubiquitous across taxa or not yet well recognized by 

their taxonomy. Quantitative PCR of functional genes is more useful to measure the 

abundance of these functional groups. However, because functional genes are not as well-

conserved as 16S rRNA genes, primers may not detect entire clades of functional groups 

(Ma et al., 2019). Using 16S sequencing instead of qPCR gives a broader view of whole 

microbial communities and based on prior knowledge of specific taxa may provide 

additional information of functional group abundance.  

Nitrification is typically a two-step chemolithotrophic process performed by 

ammonia oxidizing archaea (AOA), ammonia oxidizing bacteria (AOB), and nitrite 

oxidizing bacteria (NOB), and requires the presence of O2. However, organisms have 

recently been discovered that perform complete nitrification, a process known as 

commamox (Daims et al., 2015). Sulfide is known to inhibit the function of the enzyme 

responsible for ammonia oxidation (Joye & Hollibaugh, 1995; Caffrey et al., 2010). The 

low pore water H2S and high plant biomass in edge marsh locations may favor more 
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abundant nitrifying communities than interior marsh locations, which are sulfidic (see 

Chapter 2). 

Sulfate reduction comprises the majority of respiration in many salt marshes 

(Howarth & Giblin, 1983), and produces the characteristically high H2S concentrations in 

marsh pore water. High pore water H2S inhibits plant growth, nitrification, and 

denitrification, impacting both C sequestration and N removal services. Marsh grasses fix 

and sequester atmospheric CO2 as C and trap allochthonous sediment C (Friedrichs & 

Perry, 2001), but high rates of respiration performed by both plants and sediment 

microbial communities mineralize organic C back to CO2, determining the net rate of C 

sequestration (see Chapters 2 and 3).  

Whereas the uptake of CO2 by salt marshes plays a role in mitigating climate 

change (Ouyang & Lee, 2014), salt marshes may become a net source of global warming 

potential as a result of methane (CH4) emissions. Because CH4 has 45 times the sustained 

flux global warming potential of CO2 (Neubauer & Megonigal, 2015), salt marsh CH4 

emission rates may drive net positive global warming potential even in marshes with net 

CO2 uptake. CH4 production through methanogenesis is inhibited by the presence of 

sulfate, a major component of coastal waters (Poffenbarger et al., 2011). As a result, salt 

marshes typically have high sulfate availability and relatively low CH4 fluxes. 

Net methane emissions result from the difference between CH4 production by 

methanogenesis and consumption by methanotrophic microbes. Methanotrophs are 

comprised of both anaerobic methanotrophic archaea known as ANME, and aerobic 

methanotrophic bacteria in specific genera within the Alphaproteobacteria and 

Gammaproteobacteria classes (Murrell, 2010; Orata et al., 2018). Other taxa such as 
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members of the phylum Veruccomicrobia (Op den Camp et al., 2009) are suspected to be 

methanotrophic, but are not yet well-characterized. 

Because edge and interior marsh typically have different pore water chemistry, 

the composition and function of microbial community may differ greatly between these 

two salt marsh locations. In addition, increased N availability may induce changes in 

overall community composition as well as in the abundance of specific taxa involved in 

biogeochemical processes. We conducted a field study in order to answer the following 

research questions: 

1) What are the different drivers of microbial community composition between 

edge and interior marsh? 

2) How does increased N availability influence microbial communities in both 

edge and interior marsh? 

3) Can microbial community composition be used to infer microbial function in 

salt marshes? 

We hypothesized that the differences between edge and interior marsh pore water 

characteristics will drive distinct community composition and function, with greater 

abundances of nitrifiers and lower abundances of methanogens and methanotrophs on the 

marsh edge due to greater exposure to oxic water, which fuels nitrification and inhibits 

methanogenesis. Higher H2S concentrations in the interior will inhibit the growth of 

nitrifiers and hence lower their abundance. Fertilization will increase nitrifier abundance 

but decrease methanogenic and methanotrophic communities as a result of increased 

oxidation of sediment by plants and increased nitrate respiration outcompeting 

methanogenesis. We expected to find that relative abundances of nitrifiers, sulfate 
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reducers, and methanogens are positively correlated to the functions of coupled 

denitrification, respiration, and methane emissions, respectively.  

2 Methods 

2.1. Study Sites 

This study was conducted on the edge and interior of S. alterniflora marshes 

within Freeman Creek, NC. Freeman Creek (FC) is a small tidal creek along the 

Intracoastal Waterway on Marine Corps Base Camp Lejeune, NC (Figure 1, 34° 35' 52.8'' 

N, 77° 19' 37.2'' W) with a salinity range of 30-35 and annual average tidal amplitude of 

0.83 m. FC edge had an elevated berm and significantly lower concentrations of H2S, 

DOC, and NH4
+ than the interior (Chapter 2). The edge berm had an average elevation of 

0.21 m (NAVD88) and was flooded by tidal water for 36% of the year, but the interior 

had an average elevation of 0.08 m and was flooded for 55% of the year.  

 

Figure 1. Map of Freeman Creek, NC. Each plot pair has a control and fertilized plot. 
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2.2. Experimental Design 

 Three control-fertilized plot pairs were established on the edge and in the interior 

of Freeman Creek (Figure 1). Edge plots were situated on a high elevation berm within 5 

m of the tidal creek, but interior plots were located more than 50 m from the creek. The 

treatment plot for each pair was randomly selected and seasonally fertilized at the rate of 

30 mol N per year as NH4NO3 and 15 mol P2O5 per year. Plots were fertilized in April 

2015, June 2015, and subsequently once per season from fall 2015 to summer 2016. 

2.2. Sampling and DNA extraction 

 Plots were sampled for microbial community analysis once per season about one 

month after each seasonal fertilization. Sediment plugs were collected from the top 2 cm 

with a sterilized core tube and transferred to a new 60 mL Falcon tube and immediately 

placed on dry ice in the field. Samples were brought to the lab and transferred to a -80 oC 

freezer within 10 hours of collection for long-term storage. DNA was extracted from 

sediment samples using a PowerLyzer PowerSoil DNA Isolation Kit (Qiagen) and 

screened for its quality on a Nanodrop 2000 spectrophotometer. The extracted DNA was 

stored in a -30 oC freezer until its use. 

2.3. Sequencing on an Illumina MiSeq 

 DNA concentrations were measured with a Qubit 3.0 fluorometer using a dsDNA 

HS Assay Kit. All samples were diluted to 2 ng DNA per µL and amplified with PCR 

using GoTaq Master Mix (Promega Corporation) and 515F and 806R primers (Caporaso 

et al., 2011) with index sequences (following 16S Amplicon Illumina protocol). PCR 

products were verified by agarose gel electrophoresis using a 1% agarose gel and then 
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purified using Ampure XP beads following the manufacturer’s instruction. Samples were 

prepared for sequencing following the “16S Metagenomic Sequencing Library 

Preparation” protocol provided by Illumina, and sequenced with an Illumina MiSeq 

(Caporaso et al., 2012).  

2.4. DADA2 Analysis 

 DADA2 (v. 1.12) (Callahan et al., 2016) was used in R (R Core Team, 2014) as 

the pipeline for all sequence analyses. The reads with a low quality score of < 35 were 

trimmed, filtered and denoised by the core DADA2 algorithm, and then forward and 

reverse sequences were merged. An amplicon sequence variant (ASV) table was 

constructed with merged reads, and chimeras, and then chloroplast sequences were 

removed. The majority of reads were retained in each sample after each step. The ASVs 

were classified using Silva reference database version 132 (Quast et al., 2013). The 

Phyloseq package in R (McMurdie & Holmes, 2013) was used to compare alpha and beta 

diversity and coordinate analysis to determine environmental variables affecting 

community structure. Plots were made using the ggplot2 package in R (Wickham, 2016) 

or Excel. Permanova was used to test for statistical differences in communities associated 

with the factors of season, location, and treatment. Three-way ANOVAs with season, 

location, and treatment as factors and Tukey tests for post hoc analysis were used to test 

statistical differences in relative abundance of taxa between plots (α = 0.05). 

Transformations such as log and square root were performed to meet the ANOVA 

assumption of normal distribution. After processing, each sample contained an average of 

69,849 ± 5,573 sequences.  
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3 Results & Discussion  

3.1. Microbial Community Characteristics 

 The PCoA plot of total microbial communities (Figure 2) shows that communities 

are dissimilar across different locations and seasons, explaining 19.6% and 30.1% of the 

community dissimilarity, respectively. For both edge and interior, fall and winter 

communities formed one cluster and spring and summer communities formed a distinct 

cluster. Fertilized communities were not significantly different from control 

communities. Permanova test indicated that edge and interior communities were 

significantly different (p = 0.001), and communities were significantly different between 

seasons (p = 0.001).  

It has been previously shown that microbe β-diversity varies not only at broad 

scales across marshes, but also at scales as small as centimeters within marshes (Martiny 

et al., 2011). In this study, analysis of surface microbial communities yielded stark 

differences in communities between edge and interior sites with no change induced by 

fertilization at the overall community level. A previous study using hybridization of RNA 

with 16S rRNA oligonucleotide probes to determine salt marsh community composition 

did not detect differences in communities between edge and interior marsh (Koretsky et 

al., 2005). However, the use of next gen sequencing methods that yield a much higher 

resolution characterization of microbial communities and remarkably repeatable results in 

salt marsh sediments (Bowen et al., 2012), differences between edge and interior were 

clearly detected.  

Microbial diversity did not show a clear pattern of difference across locations and 

treatments, but did demonstrate strong seasonal patterns (Table 5-1). Chao1 richness had 
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a broad range throughout the year and was not significantly different across seasons, 

locations, or treatments except for variation between winter and fall edge plots (p = 0.02). 

However, Shannon and Simpson (reported as 1 – Simpson) diversities were greater 

during spring and summer than fall and winter (p < 0.0007). Shannon and Simpson were 

both significantly lower for interior communities than edge communities only during fall 

(p < 0.004), but edge and interior communities were not different during other seasons. 

Although communities were very different across locations, α-diversity was 

similar at both locations but was primarily impacted by season. Lower α-diversity during 

winter has been observed across other systems including tidal flats (Lv et al., 2016), 

coastal water (Patel et al., 2014), lake sediments (Wilhelm et al., 2014) and tundra soils 

(Schadt et al., 2003), and could be a result of fungi outcompeting microbes at low 

temperatures (Schadt et al., 2003). 

 

Figure 2. PCoA of microbial communities based on 16S rRNA gene sequences across 

locations, treatments, and seasons.  
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Table 5-1. Diversity comparison across plots, treatments, and seasons. Standard errors in 

parentheses. 

Location Season Treatment Total sequences Chao1 Shannon 1 - Simpson 

Interior Fall 

 

Control 73094 (4821) 1670 (35) 6.17 (0.24) 0.989 (0.006) 

Fertilized 86574 (9339) 1826 (135) 6.16 (0.06) 0.991 (0.001) 

Winter Control 80210 (19854) 1374 (331) 5.36 (0.21) 0.970 (0.004) 

Fertilized 91792 (23525) 1529 (379) 5.37 (0.39) 0.969 (0.010) 

Spring Control 47228 (8281) 1429 (228) 6.71 (0.14) 0.998 (0.000) 

Fertilized 29866 (13247) 910 (423) 6.07 (0.58) 0.996 (0.002) 

Summer Control 60963 (2905) 1782 (62) 6.94 (0.03) 0.998 (0.000) 

Fertilized 54519 (6833) 1630 (125) 6.86 (0.04) 0.998 (0.000) 

Edge Fall Control 53707 (12747) 1124 (181) 5.09 (0.22) 0.947 (0.026) 

Fertilized 53399 (11827) 1065 (164) 5.17 (0.19) 0.966 (0.010) 

Winter Control 123744 (8019) 

 

1889 (118) 5.56 (0.18) 0.972 (0.009) 

Fertilized 158497 (46805) 2105 (389) 5.41 (0.11) 0.969 (0.005) 

Spring Control 39040 (13608) 1360 (377) 6.69 (0.25) 0.998 (0.000) 

Fertilized 47758 (7055) 1556 (209) 6.84 (0.10) 0.998 (0.000) 

Summer Control 46062 (7887) 1430 (181) 6.76 (0.10) 0.998 (0.000) 

Fertilized 71167 (4255) 2061 (79) 7.06 (0.03) 0.998 (0.000) 
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3.2. Bacterial community composition 

Gammaproteobacteria (Figure 3) was the dominant class across locations, 

seasons, and treatments, composing up to 50% of the microbial communities. During fall, 

edge plots had significantly greater relative abundances of Gammaproteobacteria than 

interior plots (p = 1 x 10-7); however, during other seasons there were no differences in 

Gammaproteobacteria abundances detected between edge and interior. 

Gammaproteobacteria were significantly more abundant in winter than spring (p = 0.04) 

and summer (p = 0.008). Bacteroidia was the second most dominant class with greater 

relative abundance in interior plots than edge plots during all seasons except for fall (p < 

0.007). Higher abundances of Bacteroidia were found in fertilized plots than control plots 

(p = 0.03). Fall plots had higher Bacteroidia abundance than spring (p = 5 x 10-6) and 

summer (p < 1 x 10-7), but higher Bacteroidia abundance in winter than spring (p < 1 x 

10-7), summer (p < 1 x 10-7), and fall (p = 1 x 10-6). Deltaproteobacteria were 4 – 16% of 

total microbial communities, and significantly less abundant during winter and fall than 

spring and summer (p < 1 x 10-7). Deltaproteobacteria increased in abundance with 

fertilization on the edge (0.003), but fertilization did not affect Deltaproteobacteria in the 

interior. Alphaproteobacteria were significantly lower in relative abundance in control 

plots in the interior than on the edge (p = 0.02), but no difference was observed between 

edge and interior in fertilized plots. Relative abundances of Alphaproteobacteria were 

greater during winter than summer or fall (p < 5 x 10-6). Clostridia, within the Firmicutes 

phylum, was 0 – 13% of total microbial communities, and was significantly greater in 

relative abundance during fall than winter, spring, and summer (p < 1 x 10-7), and 

significantly lower during winter than spring and summer (p < 1 x 10-7). Anaerolineae, 
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within the Cloroflexi phylum, were present in each plot at 2 – 8% of total abundance, and 

only during fall and winter were significantly greater in relative abundance in interior 

plots than edge plots. Relative Anaerolineae abundance was significantly lower during 

fall than spring and summer (p < 1 x 10-7), and greater during winter than spring and 

summer (p < 1 x 10-7). 

This composition of dominant microbial taxa was similar to the findings of other 

coastal sediment studies (Dini-Andreote et al., 2014; Dai et al., 2016; Jiang et al., 2016; 

Lu et al., 2016), and represent diverse metabolic roles. Gammaproteobacteria include a 

variety of functional groups, including carriers of NO3
- and NO2

- reduction and sulfide 

oxidation genes. Bacteroidia possess a broad variety of carbohydrate-degrading genes 

(Baker et al., 2015), and Deltaproteobacteria contains several orders of common salt 

marsh sulfate reducing bacteria (SRB). The metabolic roles of many common bacterial 

classes are not yet well characterized or understood.   

Few of the dominant classes were impacted by fertilization. Because many 

Bacteroidia possess genes that hydrolyze diverse carbohydrates (Baker et al., 2015), 

perhaps the fertilization-induced increase in Bacteroidia resulted from greater 

oxygenation of sediments by S. alterniflora roots, which may increase aerobic 

decomposition of carbohydrates. In a previous study, approximately 10% of DOC 

exported from salt marshes was comprised of carbohydrates (Wheeler et al., 1976). None 

of the dominant taxa were significantly reduced by fertilization. More microbial classes 

were impacted by fertilization in edge communities than interior communities, suggesting 

that community composition may be more vulnerable to fertilization on the edge. 

Another study determined that although salt marsh community structure was resilient to 



158 

 

fertilization, dormancy of microbes increased (Kearns et al., 2016). This current study 

was focused on surface sediment community composition; the methods used in this study 

cannot detect activity or dormancy of these communities, which may decouple 

community composition and function.  

 

Figure 3. Relative abundance of bacterial microbial communities at Class levels, as 

determined by 16S rRNA gene sequencing. 

3.3. Archaeal community composition 

 Archaea composed 0.5 - 5% of community composition across all plots (Figure 4) 

and did not display a clear pattern across locations and treatments. During fall, interior 

plots had a significantly greater abundance of archaea than edge plots (p = 0.0003), but 

during other seasons edge and interior plots did not have significant differences in 

archaeal abundance. Abundances of archaea on the edge were significantly greater during 
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spring and summer than fall and winter (p < 8 x 10-6), and in the interior archaeal 

abundance was significantly lower during winter than during spring, summer and fall (p < 

0.0001).  

Nitrososphaera, a class composed of ammonia oxidizing archaea (AOA), 

dominated archaeal communities on the FC edge during the spring and summer but a 

combination of Nitrososphaeria and Bathyarchaeia dominated during fall and winter 

(Figure 5). Bathyarchaeia are generalist archaea common across many ecosystems, and 

they are capable of a wide variety of metabolic processes such as sulfur reduction, DNRA 

(Zhou et al., 2018), and possibly methanogenesis (Hedlund et al., 2013). Thus, both taxa 

and function were dramatically distinct between edge and interior archaeal communities. 

Nitrososphaeria abundances were significantly greater on the edge than in the interior (p 

= 2 x 10-16), and were not impacted by fertilization. Nitrososphaeria were greater in 

relative abundance during the summer than the fall and winter (p = 0.004) and lower 

during winter than spring (p = 0.02). Bathyarchaeia relative abundances were 

significantly greater in the interior than the edge (p = 5 x 10-15), dominating archaeal 

communities across all seasons, and were significantly greater during winter and fall than 

spring and summer (p < 4 x 10-7) and significantly greater during spring than summer (p 

= 0.0008). Nitrososphaeria were still present but less abundant. Lokiarchaea relative 

abundance was significantly lower in edge communities than interior communities (p = 3 

x 10-7), and significantly lower during fall and winter than spring and summer (p < 7 x 

10-6). Woesearchaeia, comprising about 1-20% of Archaea communities in every plot, 

were lower on the edge than the interior in control plots (p = 0.0009); fertilized edge and 

interior plots were not significantly different. Fertilization increased Woesearchaeia 
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relative abundance in edge plots (p = 5 x 10-5); however, there was no effect of 

fertilization on Woesearchaeia in the interior. Thermoplasmata comprised about 3-15% 

of archaea communities in the interior plots but were significantly lower in plots on the 

edge (p = 4 x 10-9). Methanomicrobia had greater relative abundance on the edge during 

winter (p = 3 x 10-5); however, edge and interior Methanomicrobia abundances were not 

significantly different during other seasons. Up to about 15% of the archaea present were 

not assigned a class. A greater percentage of archaea unassigned to taxa was found in the 

interior during spring and summer.  

Figure 4. Relative abundance of Archaea in total microbial communities at Freeman 

Creek marsh. 
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Figure 5. Relative abundance of Archaea classes in the total Archaea community across 

locations, treatments, and seasons. 

3.4. Canonical Analysis of Principal (CAP) Coordinates analysis 

 The CAP plot (Figure 6) displayed a similar pattern to the PCoA plot, with 

distinct clustering of communities by location and season, which explained 7.4% and 

19.6% of the variability, respectively. However, unlike the PCoA analysis, during winter 

the interior control and fertilized communities had a distinct cluster, shifting away from 

fall interior communities to become more similar to edge fall and winter communities. 

Sulfide pointed in the direction of interior communities, and temperature, DIC, DOC, and 

NH4
+ each pointed toward the cluster of interior spring and summer communities. 

The primary driver of community composition across locations was pore water 

H2S concentrations, with additional drivers of DIC, DOC, and NH4
+. Studies have 
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previously determined that salinity and temperature are strong drivers of variation in 

microbial community composition (Li et al., 2019), but few studies have examined pore 

water H2S and DOC as drivers of variation in communities across a single marsh. Other 

previously identified drivers of microbial community composition have included nutrient 

availability and sand content (Dini-Andreote et al., 2014; Salles et al., 2017). Community 

composition across seasons was primarily driven by temperature, with additional drivers 

of pore water DIC, DOC, and NH4
+ concentrations. Microbial community composition in 

each location was very similar during spring and summer, but communities shifted during 

fall and winter. 

 

Figure 6. Canonical analysis of the principal of coordinates (CAP) of total microbial 

communities, showing genetic and environmental variables as vectors. 
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3.5. Functional Group Abundance and Composition 

3.5.1. Nitrifying communities 

 Nitrifying bacteria (AOB + NOB) comprised up to 0.4% of the total microbial 

communities (Figure 7a) and were much more abundant in the edge sediment than the 

interior sediment during the spring and summer (p = 5 x 10-10). Nitrifying bacteria 

communities were significantly more abundant during summer than fall and winter (p < 1 

x 10-7), and spring communities were significantly more abundant than winter (p = 6 x 

10-7) and fall (p = 1 x 10-6). Three genera dominated the nitrifying bacterial communities: 

Nitrospina and Nitrospira, within the Nitrospinae and Nitrospirae phyla, respectively, 

and Nitrosomonas within the Gammaproteobacteria phylum. Nitrifying bacterial relative 

abundance had a significant negative linear relationship with the square root of pore 

water H2S concentrations (p = 0.03, Figure 8a). 

 AOA were an order of magnitude more abundant than AOB in both edge and 

interior marsh (Figure 7b). In the interior marsh, AOA comprised up to 1% of the total 

microbial communities, but AOA on the edge were more abundant (2.2 – 3.6%) than in 

the interior (p = 9 x 10-10). A significant interaction between location and season 

indicated that AOA communities in edge and interior were significantly different during 

summer (p = 0.001) and spring (p = 4 x 10-6), but not in fall (p = 0.1) and winter (p = 

0.4). AOA communities were not significantly correlated with pore water H2S 

concentrations (p = 0.07, Figure 8b); however, they were significantly correlated with 

coupled nitrification-denitrification rates (p = 0.049, Figure 9). AOB relative abundance 

was not significantly correlated with coupled nitrification-denitrification.  
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Nitrifying bacterial communities were dominated by three genera representing 

three different roles in the nitrification process. Whereas Nitrosomonas is a genus 

comprised of AOB, Nitrospina is a genus comprised of NOB. Thus, Nitrospina and 

Nitrosomonas do not directly compete with each other for NH4
+ but may act as a 

consortium performing both steps of nitrification. Nitrospira is a NOB genus that may 

include members that perform complete nitrification, also known as comammox (Daims 

et al., 2015). Comammox has been found to be ubiquitous across many ecosystems, 

including salt marshes (Xia et al., 2018).  

Other studies have found different nitrifying communities in salt marsh 

sediments. Xia et al (2015) observed that AOB were all in the Nitrosospira and 

Nitrosomonas lineages . Nitrosospira were not represented in our Freeman Creek marsh 

sediments. Bernhard et al. (2016) found that Nitrosomonas dominated nitrifying bacterial 

communities at two sites, but the site with lower N and C and higher salinity was 

dominated by Nitrosospira. AOA was an order of magnitude greater in relative 

abundance than AOB across all plots. Other studies also reported that AOA abundance 

exceeded AOB abundance, indicating that salt marshes are an important habitat for AOA 

(Moin et al. 2009, Peng et al., 2013). However, other S. alterniflora salt marsh studies 

observed AOA and AOB at nearly equal abundances (Xia et al., 2015), or greater 

abundances of AOB than AOA (Duff et al. 2017). More has yet to be understood about 

what drives AOB vs. AOA abundances in salt marshes. 

The clear contrast in nitrifying communities between edge and interior suggest 

that the edge is a hotspot for salt marsh nitrifying communities. Edge marsh is an ideal 

location for nitrification because it had very low H2S and is rapidly flushed with oxic 
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creek water. A negative correlation, as we observed between H2S and AOB abundance, 

was also observed by Dollhopf et al. (2005). 

Fertilization did not affect the relative abundance of nitrifying microbes, which is 

consistent with observations of other studies (Bowen et al., 2011; Peng et al., 2013). 

However, fertilization has been shown to impact community activity. Angell et al. (2018) 

observed that, while AOA was not impacted by fertilization, AOB active communities 

decreased. Community composition includes both active and dormant microbes in 16S 

sequence analysis.  

 A significant but weak positive link was detected between AOA relative 

abundance and coupled nitrification-denitrification rates. This is indicative of the 

importance of coupled nitrification-denitrification in FC sediments, which may influence 

denitrifying community abundance or activity. Unfortunately, analyzing denitrifying 

microbial communities using 16S-derived taxa is challenging because they are too 

diverse and ubiquitous. The absence of a significant link between nitrifying community 

abundance and in situ denitrification (D14) rates suggests that a factor such as limitation 

of NH4
+ or DOC may decouple in situ rates from gene abundance. A link between 

nitrifying community abundance and potential nitrification has previously been shown 

(Duff et al., 2017). Thus, as a result of high nitrifier abundance, the marsh edge may have 

greater potential for N removal than interior marsh locations. 
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Figure 7. Relative abundance and taxonomic composition of a) ammonia oxidizing 

bacteria, and b) ammonia oxidizing archaea at Freeman Creek marsh. Error bars are SE 

for each total group. 
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Figure 8. Linear regressions between the square root of sulfide concentrations and a) 

nitrifying bacteria (AOB + NOB + comammox) relative abundance and b) AOA relative 

abundance. 
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Figure 9. Linear regression of a) AOB and b) AOA relative abundance vs. coupled 

denitrification (Dn) rates. Dn data from Chapter 4. 

 

 

 

y = 12.186x + 3.9757

R² = 0.0129

p = 0.29

-5

0

5

10

15

20

25

30

35

40

0 0.05 0.1 0.15 0.2 0.25

D
n
 (

µ
m

o
l 

m
-2

 h
r-1

)

AOB % relative abundance 

a)

y = 1.1732x + 3.298

R² = 0.0615

p = 0.049

-5

0

5

10

15

20

25

30

35

40

0 1 2 3 4 5 6

D
n
 (

µ
m

o
l 

m
-2

h
r-1

)

AOA % relative abundance 

b)



169 

 

3.5.2. Sulfate reducers 

 SRB comprised 2.0 – 13.1% of total microbial communities in FC marsh 

sediments (Figure 10). Relative abundances of sulfate reducers were greater during spring 

and summer than fall and winter (p < 0.001) in every location and treatment except for 

fertilized edge plots, where only spring was significantly different than fall and winter (p 

< 0.002). On the edge during winter, fertilized plots had greater relative abundances of 

sulfate reducers than control plots (p = 0.008), but during other seasons on the edge and 

during all seasons in the interior there were no significant differences as a result of 

fertilization.  

All dominant SRB orders were within the Deltaproteobacteria class, dominated by 

the order Desulfobacterales with significant abundances of the orders Desulfarculales, 

Desulfuromonadales, and Syntrophobacterales. Other SRB that were not detected or well 

represented are SRB within the Firmicutes phylum, Thermodesulfovibrio species within 

the Nitrospirae phylum, and the Thermodesulfobacteria plylum (Pfennig & Biebel, 1986). 

Another S. alterniflora marsh study (Zeleke et al., 2013) found that SRB communities 

were dominated by Desulfobacteraceae and Desulfomonadales orders, and constituted up 

to 13% of total community composition.  

 SRB relative abundance was not correlated with pore water H2S concentrations; 

however, sulfate reducer relative abundance and ecosystem respiration had a significant 

positive linear correlation (p = 0.001, Figure 11). This was expected because H2S 

concentrations across marsh locations are thought to be driven primarily by pore water 

hydrology rather than sulfate reduction rates (King et al., 1982; Czapla Chapter 1). Edge 



170 

 

marsh has lower H2S concentrations as a result of rapid pore water drainage and flushing 

(Howes & Goehringer et al., 1994). 

 The relative abundance of SRB was positively linked to ecosystem respiration, 

which was expected since sulfate reduction represents the majority of microbial 

respiration in salt marshes (Howarth & Giblin, 1984). Thus, increased SRB abundance 

resulted in greater CO2 emissions, impacting the ecosystem services of C accumulation 

and greenhouse gas sequestration. Whereas aerobic respiration rates may be limited by 

the rate of O2 diffusion into sediment and partitioning of O2 to sulfide oxidation (Shin et 

al., 2000), sulfate reduction rates may be limited by the abundance and activity of SRB 

rather than sulfate concentrations (Roychoudhury et al., 2003). Because there was no 

significant difference in SRB abundances between locations and treatments, the link 

between SRB abundance and ecosystem respiration mainly implies seasonal differences 

in ecosystem respiration. 
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Figure 10. Sulfate reducing bacteria relative abundance and community composition at 

Freeman Creek marsh. Error bars represent SE of total sulfate reducer communities. 

Figure 11. Linear regression between sulfate reducer relative abundance vs. ecosystem 

respiration (measured in situ with dark static chamber). Respiration data from Chapter 1. 
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Figure 12. Hourly methane fluxes measured by chambers in Freeman Creek plots (as 

described in Chapter 3). Error bars represent standard error of the mean of the three 

triplicate plots. 

3.5.3. Methanogens 

CH4 fluxes (Figure 12) ranged between 0 and 6 mg CH4 m
-2 hr-1, more than three 

orders of magnitude lower than daily CO2 respiration rates. A three-way ANOVA 

indicated that CH4 fluxes were not statistically different across locations and treatments, 

but winter CH4 fluxes were significantly lower than fall (p = 1.27e-5), spring (p = 3.9e-5), 

and summer (p = 7e-7) fluxes. Methanogens, which comprised less than 0.09% of the total 

microbial community (Figure 13) were dominated by two major orders: 

Methanofastidiosales and Methanosarcinales. Methanosarcinales, an order of acetoclastic 

methanogenic Archaea (Fournier & Gogarten, 2008), dominated on the edge. 

Acetoclastic methanogens split acetate, the electron acceptor, into CH4 and CO2. 

Methanofastidiosales, which represents a newly described methylotrophic methanogenic 



173 

 

pathway (Nobu et al., 2016), was the dominant methanogen in the interior. In the interior 

marsh sediments, Methanofastidiosales and Methanosarcinales varied in relative 

abundance seasonally, with Methanofastidiosales dominating during winter and spring 

but sharing dominance during summer and fall. Methanogen relative abundance was not 

significantly correlated to methane emissions (p = 0.34, Figure 14). Fertilization and 

location generally did not impact community abundance; however, winter edge fertilized 

methanogens were significantly more abundant than winter interior fertilized 

methanogens (p = 0.04). 

This shift from acetoclastic methanogens on the edge to methylotrophic 

methanogens in the interior could be driven by differences in carbon composition 

between the two sites; however, more needs to be understood about the niches these taxa 

occupy. The most widespread and diverse methanogenesis pathway, hydrogenic 

methanogenesis, is performed by Archaea within the orders Methanobacteriales, 

Methanococcales, Methanomicrobiales, and Methanopyrales (Liu, 2010), and was not 

prevalent in marsh surface sediments. Another salt marsh study (Zekele et al., 2013) 

found that methanogens comprised 2 - 45% of total communities, which were dominated 

by Methanomicrobiales, Methanosarcinales, and Methanococcales orders. Yuan et al. 

(2016) found greater methanogen abundance and dominance of Methanosarcinaceae 

within methanogen communities in S. alterniflora marsh than in marshes with other 

vegetation species. 

 Surface sediment methanogen community composition was not predictive of salt 

marsh methane emissions. This was not a surprising result; while methanogenesis and 

sulfate reduction may co-occur in salt marsh sediments (Senior et al., 1982), the bulk of 

https://link.springer.com/referenceworkentry/10.1007%2F978-3-540-77587-4_42
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salt marsh methanogens and methanogenesis occur at depths below 11 cm (Parkes et al., 

2012). In a rice paddy, methanogens were found to be most abundant at 30 – 200 mm 

sediment depths and aerobic methanotrophs were found to be most abundant at the oxic-

anoxic boundary at 8 mm depth (Lee et al., 2015).  

 

 

Figure 13. Methanogen relative abundance and taxonomic composition at Freeman 

Creek marsh. Error bars are SE of total methanogen abundance.  
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Figure 14. Linear regressions between a) methanogen and b) methanotroph relative 

abundance vs. methane production.  
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3.5.4. Methanotrophs 

 Methanotrophs comprised up to 0.03% of total microbial communities in Freeman 

Creek marsh sediments (Figure 15), but were not detected in plots during fall or winter. 

The presence of methanotrophs was very low compared to methanogens, and was limited 

to only aerobic Gammaproteobacterial methanotrophs in the Methylococcales order. 

Archaeal methanotrophs were not detected except for two reads of ANME-1 in one plot. 

A study in peatlands (Esson et al., 2016) found co-domination by Alpha- and 

Gammaproteobacterial methanotrophs. Methanotrophs in the Gammaproteobacteria class 

are Type I methanotrophs, but methanotrophs in the Alphaproteobacterial class are Type 

II methanotrophs. Even though different methanotrophic pathways are represented, much 

has yet to be understood about the niche partitioning of these methanotrophic taxa in salt 

marshes. It is likely that methanotrophs in salt marsh sediments, especially anaerobic 

archaeal methanotrophs known as ANME, are more abundant at greater depths.  

Relative abundances were not significantly different across locations and 

treatments, but differed significantly across seasons. Methanotroph abundance was 

significantly greater during summer than fall (p = 0.0004), winter (p = 0.0004), and 

spring (p = 0.002). Methanotroph relative abundance was positively correlated with 

methane production (p = 0.004, Figure 14). Another salt marsh study did not detect a 

significant fertilization impact on salt marsh methanotroph community composition 

(Irvine et al., 2012). However, Hoefman et al. (2014) found that fertilization induced a 

shift in methanotroph communities at the species level.  
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Figure 15. Methanotroph relative abundance and composition at Freeman Creek marsh.    

 

4.6. Conclusions 

Microbial community composition in salt marshes impacts ecosystem service 

functions such as N removal and greenhouse gas sequestration. Here we show that 

location-specific pore water chemistry shapes distinct surface sediment microbial 

communities across marsh locations, with links to potential denitrification and ecosystem 

respiration rates, but not methane emissions. However, fertilization had little impact on 

total or functional community composition. 

• Overall microbial community composition differed between edge and interior 

marsh, driven by differences in pore water H2S, DOC, DIC, and NH4
+ 

• Archaeal communities were dominated by Bathyarchaeota generalists in interior 

but AOA on the edge 

0

0.005

0.01

0.015

0.02

0.025

0.03

0.035

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

C
o
n
tr

o
l

F
er

ti
li

ze
d

Fall Winter Spring Summer Fall Winter Spring Summer

Interior Edge

M
et

h
an

o
tr

o
p
h
 %

 r
el

at
iv

e 
ab

u
n
d
an

ce

Methylococcales



178 

 

• Season had a strong impact on nitrifying, sulfate reducing, methanogenic, and 

methanotrophic microbial communities  

• Fertilization had little impact on interior communities except for increasing 

Bacteroidia abundance, but Bacterioidia, Deltaproteobacteria and Woesarchaea 

abundance increased with fertilization on the edge 

• Nitrifying communities were much more abundant on the low-sulfide marsh edge 

than the high-sulfide interior, and AOA abundance was weakly and positively 

correlated with coupled nitrification-denitrification rates 

• Sulfate reducing bacterial communities were dominated by Desulfobacterales, and 

SRB relative abundance was positively correlated with ecosystem respiration 

• Methanogen communities were dominated by methylotrophic methanogens in the 

interior but acetoclastic methanogens on the edge; however, methanogen relative 

abundance was not correlated with methane emissions 

• Aerobic methanotroph communities were very low in abundance relative to 

methanogens, were only represented by Gammaproteobacterial (Type I) 

methanotrophs, and were positively correlated with methane production 

Understanding the impact of location-specific pore water chemistry and increased N 

availability on salt marsh microbial community composition and the links between 

community composition and function may increase our understanding of impacts on 

valuable ecosystem services in salt marshes.  
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APPENDIX A 

 

Daily NEE and R observed on day of plot measurements for each season. 

   FC Edge FC Interior Traps 

  Season Control Fertilized Control Fertilized Control Fertilized 

NEE 

(mmol 

CO2 m
-2 

day-1) 

Fall 2015: -133 (113) -367 (78) -34 (26) 5 (86) -45 (136) -93 (60) 

Winter 2015-

16: 36 (15) 136 (42) -18 (24) 59 (35) -12 (16) 12 (29) 

Spring 2016: -196 (121) -32 (64) 2 (5) 49 (45) -155 (39) -166 (85) 

Summer 2016: 19 (155) 554 (197) -36 (37) 80 (44) 42 (63) -17 (173) 

R 

(mmol 

CO2 m-2 

day-1) 

Fall 2015: 285 (27) 419 (47) 167 (16) 511 (85) 144 (15) 396 (124) 

Winter 2015-

16: 91 (10) 155 (35) 39 (9) 150 (16) 39 (6) 137 (13) 

Spring 2016: 370 (92) 984 (61) 164 (9) 615 (78) 52 (21) 432 (73) 

Summer 2016: 663 (109) 

1121 

(252) 279 (35) 774 (108) 341 (41) 632 (100) 
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APPENDIX B 

 

 

 
Schematic of plots and boardwalk at a) FC edge and b) FC interior. Plots labeled “C” are 

control plots and plots labeled “F” are fertilized plots. Distances between plots are shown 

in cm. Black lines represent plot access boardwalks. 
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APPENDIX C 

 
Results of mixed-effect models for all variables in this study, including P-values and 
degrees of freedom (Df). Bold values are statistically significant. 

 
 

APPENDIX D 

 

Fertilization dates and amounts over the course of the experiment 

Fertilization Dates Fertilization Amount 

4/16/2015 7.5 mol N, 3.75 mol P 

5/14/2015 7.5 mol N, 3.75 mol P 

8/4/2015 7.5 mol N, 3.75 mol P 

11/24/2015 7.5 mol N, 3.75 mol P 

3/16/2016 7.5 mol N, 3.75 mol P 

6/4/2016 7.5 mol N, 3.75 mol P 
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APPENDIX E 

 

Average concentration of DIC and DOC samples measured in channel water and water 

overlying the marsh during two different tidal cycles at Freeman Creek.  

Date Location DIC (mM) DOC (µM) 

4/16/2016 Channel 2.12 (0.01) 164 (0) 

Overlying Marsh 2.21 (0.02) 387 (71) 

8/26/2016 Channel 2.08 (0.00) 236 (15) 

Overlying Marsh 2.43 (0.02) 325 (7) 
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